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ABSTRACT

Chlorella vulgaris is a unicellular green algae grown throughout the world. Due to its multiple
trophic modes as well as its ability to maintain high rates of growth under adverse conditions, it
has been of global interest for use in ecological contamination studies, biofuel feedstock
optimization, and studies of photosynthetic electron transfer. Using a wide-range of methods for
physiological and photosynthetic characterization, the studies within seek to further extend the
usefulness of C. vulgaris in a variety of environmentally important studies. Once the protocols
were optimized specifically for this alga, they could be applied in both ecologically relevant and
biodiesel optimization scenarios. Additionally, the reliance on the photosynthetic reactions for a
large portion of their energy production enables further investigation into photosynthetic
mechanisms under stress.

xiii

CHAPTER 1
MICROALGAE: MICROSCOPIC ORGANISMS WITH MANY USES
Microalgae are aquatic microbial oxygenic phototrophs (AMOPs) that evolved from
cyanobacteria between 2.7 and 3.4 billion years ago and are of increasing ecological and
economic importance.1-2 Microalgae are robust eukaryotic organisms capable of withstanding a
wide range of temperatures, salinities, pH and light intensities and can be found in nature
growing in somewhat solitary cultures or in large symbiotic communities.3 Microalgae provide
food and oxygen to nearly all aquatic species as they are capable of reducing atmospheric carbon
dioxide to generate high energy molecules. They do this by harnessing the sun’s energy for
oxygen production using the only known biocatalyst for water oxidation, the oxygen evolution
complex (OEC).4 Microalgae have growth rates nearly mirroring those of their prokaryotic
ancestors. However, they also have the cellular machinery and abilities of more complex
eukaryotic organisms, such as those needed for post-translational modifications and cellular
sublocalization. This has caused increased interest in using microalgae for a variety of
biotechnological applications, including sustainable food sources, cosmetics, pharmaceuticals,
and biofuels. While the use of microalgae for agricultural purposes dates back over 2000 years to
the Chinese, cultivation of microalgae for modern industrial purposes is only a few decades old.5
While microalgae research has steadily increased since renewed interest in the 1950s, the sheer
magnitude of worldwide algal species means that the research has barely scratched the surface of
possible applications toward improving human health and increasing quality of life.6
Despite their longevity on earth and their role as the ancestors to all photosynthetic
eukaryotes, the morphology of unicellular green algae has remained mostly unchanged.7 For this
reason, researchers have taken advantage of the genetic similarities between modern algae and
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modern plants to use microalgae as a convenient, fast growing model for phototrophic function.
This has been of increasing benefit to biotechnology as researchers have taken advantage of
known photosynthetic processes for the engineering of more successful algal strains as well as a
biological litmus test for the monitoring of ecosystem viability. Likewise, research has focused
on determining the abilities of microalgae culture to enhance various agricultural and industrial
processes, such as those needed for waste removal, phytoremediation, and protein
bioengineering.8
Anthropogenic causes of environmental contaminants
Worldwide large-scale agricultural and industrial processing—often conducted
irresponsibly and without regard for the potential environmental detriment—has generated
widespread waste and environmental contamination, much of which is persistent in the
environment and difficult to remedy. In agriculture, fertilizers often contain high levels of
phosphate and heavy metals such as zinc, cadmium, iron, copper, manganese, and boron, which
lead to increases in surrounding soil metal content and accumulation in nearby waterways.9 The
ubiquitous use of nitrate fertilizers extends the effect even further, as the end product nitrate ion
has high mobility and easily mixes with groundwater sources following irrigation-related water
application (Figure 1).4, 10 The accumulation of various agrochemicals in waterways contributes
to eutrophication that causes oxygen deficiency and aquatic dead zones, such as the one that
occurred in the Gulf of Mexico (which was scrutinized widely in the media).11 This is observed
through the rise of harmful algal blooms, whose excessive growth and release of toxins kills
aquatic organisms and can cause a sustained decrease in the biodiversity of aquatic ecosystems.12
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Figure 1. Modes of anthropogenic contamination of water sources. Once contaminants
are introduced into the water, it can be challenging to remove them.
Despite outcry among environmental scientists, the input of inorganic nutrients into croplands is
unlikely to drop any time soon, especially as newly developing nations increase the acreage of
their croplands to keep up with rising agricultural demands. In fact, it is expected that
phosphorus input will increase between 51-86% by the year 2050.13
Outside of agricultural sources, the growing manufacturing, pharmaceutical, and
petrochemical industries, paired with negligent governmental policies governing waste removal,
have led to an abundance of contaminants in water sources around the world. Phenolic
compounds and their derivatives, designated high priority pollutants by the U.S. Environmental
Protection Agency, are used for paints, surfactants, explosives, textiles, rubber, plastics, and
pharmaceutical antioxidants and antibacterials, and are spread throughout the environment
through waste effluents.14 Since phenolic compounds can readily react in water, often via
3

oxidation or halogenation, they form a complex array of derivatives that can be chemically
challenging to remedy.15 In addition to organic compounds, many industrial processes release
various heavy metals into the surrounding environment, including zinc, nickel, copper,
chromium, lead, manganese, and arsenic. These non-biodegradable contaminants can be retained
in soil long-term via adsorption to mineral particles as well as accumulation in organisms and
passed up the food chain, magnifying their effect.16
Microalgae for phytoremediation
Phytoremediation is defined as the use of green plants and microorganisms to decrease
the toxic effects of environmental contaminants. This technique has been used successfully for
the remediation of heavy metals, metalloids, and organic contaminants from soil and water
sources, and has been shown to be a more economic and efficient remediation option when
compared to other engineering and chemical techniques.9 AMOPs have developed natural
mechanisms for metal sequestration, including non-ribosomal polypeptides known as
phytochelatins, as well as gene-encoded class II metallothioneins, both of which are short-chain

Figure 2. A schematic representation of heavy metal translocation, sequestration, and
uptake in living (left-hand side) and non-living (shaded brown) microalgae. Manganese
is of particular interest in this study due to its role in PSII.
4

polypeptides that bind heavy metals (Figure 2).17-18 By binding the metals into organometallic
complexes and then further partitioning them into membrane-bound organelles, the organisms
prevent the potential toxic effect of high cytoplasmic metal concentrations, allowing them to
continue to freely engage in necessary biochemical processes.19 Thus, microalgae are of
particular interest to phytoremediation strategies as they can grow successfully in waste water,
removing both organic carbon and inorganic nutrients such as nitrogen and phosphorus, while
simultaneously producing valuable biomass from which value-added products can be extracted.20
Microalgae are also able to rapidly respond to changing environmental conditions using a
versatile metabolism that includes both phototrophic and heterotrophic modes, allowing them to
decompose many organic contaminants into simpler, non-toxic byproducts. This has included the
decomposition of tributyltin (Chlorella vulgaris),21 phenanthrene (Selanastrum
capricornutum),22 napthalene (C. vulgaris),23 and bisphenol (Chlorella fuscai),24 among other
organic compounds.25 While many microalgal species are capable of achieving high rates of
degradation without outside influence, genetic approaches can increase their capacities even
further.
Microalgae as biological environmental sensors
While physical and chemical measurements of water sources can provide needed
information regarding levels of aquatic pollution, these measurements do not reflect the extent of
which these pollutants cause environmental stress nor the subsequent organismal effects of this
stress.26 Microalgae are quick growing, easily cultured, and do not require expensive methods for
sampling and assessment. This allows them to be easily monitored at the laboratory scale for
studies of short-term contaminant effect as well as in their natural ecosystems to determine the
effect of long-term contaminant exposures.27 Because they are primary producers they are
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directly impacted by physical and chemical factors from water sources, which is easily
monitored due to their naturally sensitive metabolism that rapidly reacts to changing
environmental conditions. Additionally, by monitoring their biochemical composition,
predictions can be made as to the effect of anthropogenic stressors on the greater food web of
algal-based ecosystems.28 Due to the sensitivity of the photosynthetic apparatus, various rapid,
low-cost measurements including chlorophyll fluorescence and oxygen evolution can provide
sensitive indication of contaminants, even at low concentrations.
Microalgae for value added products
Microalgae generate a variety of value-added products with industrial and human health
applications, including high levels of proteins, polysaccharides, pigments, and lipids, most of
which can be increased through the application of environmental stressors.29 In addition to
macromolecules, they are rich sources of essential micronutrients, including many vitamins and
minerals such as vitamin A, C, B1, B2, B6, iodine, potassium, iron, and magnesium. Due to their
nutritional benefits, several algae and photosynthetic prokaryotes, notably Chlorella vulgaris,
Dunaliella salina, and Arthrospira (“Spirulina”) maxima, are commonly marketed and used for
both human nutritional supplements as well as animal feed additives.30
Protein
Microalgae synthesize both essential and non-essential amino acids and can accumulate
concentrations up to 60% of their biomass (m/m) under ideal conditions, allowing algal biomass
to generate high-quality protein feedstocks for animal use, including chickenries and fisheries.30
Under stress conditions, AMOPs can outproduce some of the best agricultural crops; D. salina,
for example, can produce up to 100x the protein yield of terrestrial harvests when grown in an
industrial scale under stress.8 Furthermore, algae cultures are high in antioxidant-related proteins

6

and studies show that various algal extracts have the potential to reduce brain damage, decrease
inflammatory activity and reduce allergy symptoms, increase antioxidant activity, and protect
against cellular damage.31
Outside of agricultural and health-related supplements, eukaryotic microalgae are
promising production platforms for the generation of recombinant proteins, as their protein
synthesis machinery allows for more complex structures with a larger variety of posttranslational modifications than those capable of being produced by prokaryotic organisms.32
Additionally, the availability of a chloroplastic genome that can be modified and manipulated
enables increased accumulation of transgenic proteins when compared to bacterial systems, as
plastids lack gene silencing mechanisms that can reduce recombinant protein production from
nuclear-encoded genes.33 Additionally, the chloroplastic genome has multiple gene insertion
sites, allowing microalgae to be transformed with multiple genes in a single event, decreasing
cost and increasing the industrial feasibility of using microalgae for the generation of
recombinant proteins.34 A variety of therapeutic proteins have been produced using algal systems
including bovine mammary-associated serum amyloid,35 swine fever virus E2 viral protein,36
diabetes-associated anutoantigen human glutamic acid decarboxylase 65,37 and human vascular
endothelial growth factor isoform 121,38 among others.32 The future of algae for biotechnology
will likely contain the generation of more vaccine antigens, industrial relevant enzymes, and
immunotoxins for use in chemotherapy treatments, as well as increasing libraries of bioactive
peptides with novel antibacterial mechanisms.32
Polysaccharides
Microalgae contain anywhere from 2 – 60% carbohydrates per dry weight of various
compositions, including glucose, starch, galactose, rhamnose, N-acetylglucosamide, among
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others.8, 30 Carbohydrates serve two primary purposes in algae: to increase structural integrity of
the cell and to store excess energy, and are therefore easily manipulated under various stress
conditions.39 Due to the lack of hemicellulose and lignin found in terrestrial plants, structural
microalgal carbohydrates are more accessed and degraded. However, this property is rarely used
for the purpose of food additives as seen with algal proteins, and instead is taken advantage of
for the production of bioethanol, as the cost of digestion on the industrial scale is much less than
the cost to digest terrestrial plants.40 Additionally, carbohydrates may be produced
simultaneously with other useful co-products to increase the economic feasibility of bioethanol.41
However, bioethanol is not drop-in ready and will require a significant carbon investment in
order to be used as a large-scale transportation fuel.42 For this reason, large scale impacts on the
transportation industry are more likely to be achieved through the use of lipid production for the
generation of biodiesel.43
Pigments
Microalgae accumulate large concentrations of a variety of pigments with health or
industrial purposes, including β-carotene, lutein, zeaxanthin, and chlorophyll, among others.30
Fat soluble β-carotene is used as a food coloring (most notably for margarine and fish) and as a
dietary supplement for cattle, as well as used as an anticarcinogen and cardiovascular antiinflammatory agent due to its antioxidant properties.44 Lutein and zeaxanthin are both essential
for ocular function and must be acquired through the diet. Nutritional interventions against
macular degeneration and other diseases often involve dietary supplements containing high
concentrations of lutein, zeazanthin and other xanthophylls, all readily available from microalgal
biofeedstocks.45 Similar to carotenoids, chlorophyll is used on an industrial scale as a coloring
agent as well as a bioactive antioxidant and antimutagen, and is used widely in pharmaceuticals,
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including those for wound healing, antibacterials, and proctological therapeutics.46 These highvalue compounds can be produced simultaneously with other macromolecules, increasing the
economic feasibility of industrially scaled microalgal production.
Lipids
Microalgae can achieve up to 30-70% lipids per dry mass under stress conditions with the
lipid composition mostly consisting of saturated and monounsaturated C14-C20 fatty acids,
making them promising candidates for increasing the industrial feasibility of lipid-based
biodiesel (see Chapter 2).47 AMOPs are also able to synthesize polyunsaturated fatty acids
needed for human health, including eicosapentenaoic acid, docosahexaenoic acid, and ω-3 fatty
acids with anti-inflammatory properties.48 Various microalgal species including Nannochloropsis
oceanica, Phaeodactylum tricornutum, and Mortierella alpine have been genetically modified to
increase concentrations of polyunsaturated fatty acids, with increases of up to 75% for
arachidonic and eicosapentenaoic acid.49-51 While these essential fatty acids are often added to
diets via the use of fish oil, supplementation in this manner can also result in toxin accumulation,
odor, unpleasant taste, and poor oxidative stability, making microalgae more advantageous for
use in nutritional additives.8, 52 Algal biofeedstocks are also able to accumulate high
concentrations of sterols, triterpenes similar in structure and function to cholesterol, which have
been shown to lower low-density-lipoprotein cholesterol levels in vivo as well as stimulate antiinflammatory and anti-oxidant activities.53 Phytosterols have been used in pharmaceuticals
through the production of therapeutic steroids, nutrition, and various cosmetics.
Chlorella vulgaris: an ideal AMOP for industrial and environmental purposes
Chlorella vulgaris is a unicellular, spherical microalga averaging between 2-10 μm in
diameter.54 It is non-motile and reproduces asexually, with every cell autosporulating into four
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daughter cells at least once every 24 hours under optimal conditions.55 C. vulgaris has a single,
large chloroplast that can take up to 80% of the volume of the cell. The chloroplast is both home
to the photosynthetic machinery as well as many macromolecules including starch granules and
lipid globules, each accumulated in high concentrations under stress conditions. Despite the size
and significance of the chloroplast, C. vulgaris is capable of growing heterotrophically in
addition to phototrophically. However, despite its ability to thrive in a variety of culture
environments, including those with limited nutrient availability and using non-arable lands, C.
vulgaris has had a limited role as a model organism in algal research, likely because of the lack
of a full genetic sequence until quite recently. As the sequence was fully published, it is now
likely that it will take a larger role in future phototrophic research and applications.56
The ideal photosynthetic microalga for biofuel production would be able to produce high
yields on high light intensity, be stable and resistant to infections, form flocs, and be insensitive
to high oxygen concentrations (Figure 3).57 These qualities are equally applicable to other

Figure 3. The ideal photosynthetic microalgae for biofuel production. More fundamental
information is needed to engineer a microalga with the needed characteristics.
10

biotechnological applications, including both phytoremediation and environmental monitoring,
as it is important to be able to easily harvest and monitor the algae for biochemical and metabolic
changes following contaminant exposure. Depending on the growth phase, the cell wall of C.
vulgaris is about 17–21 nm thick and is surrounded by a chitosan-like layer of glucosamine,
generating a rigid structure that protects against microbial invaders and harsh environmental
changes.58 In fact, the rigid outer wall, while being a benefit for environmental monitoring and
remediation, is one of the disadvantages of using C. vulgaris for biofuels, as harvesting the
internal lipids requires a significant energy investment or expensive enzymatic methods.
Photosynthesis
Photosynthesis is the process through which phototrophs convert solar energy to
biochemical energy through a series of conversion steps. Since algae are powered primarily
through photosynthesis, their energy-containing byproducts, including triacylglycerols used for
biofuel production, can be thought of as stored solar energy. For this reason, a rudimentary
understanding of photosynthesis is necessary in order to evaluate the efficiency of algal-based
biofuel feedstocks as well as to understand metabolic changes following the introduction of

Figure 4. The oxygenic photosynthetic electron transport chain. Despite decades of
research into photosynthesis, several mechanisms remain misunderstood.
environmental stressors. While photosynthesis can be both an oxygenic and anoxygenic process,
11

for brevity, this overview will only include the aerobic mechanism observed in unicellular algae.
The photosynthetic apparatus is located in the thylakoid membranes of the chloroplast, which is
divided into two distinct volumes, the stroma and the lumen. This compartmentalization provides
the ability to generate electrochemical gradients, which is necessary in order to power ATP
synthase, the terminal point of the electron transport chain. Photons start by exciting the reaction
center of photosystem II (PSII) that releases an electron o travel down the electron transport
chain. The electron travels out of PSII, through the membrane to cytochrome b6f, and through the
membrane again to PSI, at which point it is re-excited by another photon (Figure 4).59 The
electron is then used to either form NADPH, a high energy reducing molecule, or sent back to
cyt b6f by way of cyclic electron transfer. A more detailed summary is provided below.
Photosynthesis starts with the absorption of a photon between 400 and 700 nm at PSII.
PSII is a heterodimer protein complex consisting of two main subunits, D1 and D2, six
chlorophyll a (Chl a), two pheophytin a, two plastoquinone binding sites (QA and QB), a nonheme Fe2+, and two carotenoids.60 Surrounding the structure is chlorophyll protein 43 and
chlorophyll protein 47, each of which bind approximately 15 chlorophyll molecules and together
form the core of the light harvesting antenna, and cytochrome b559, a heme-containing
heterodimeric protein that helps protect PSII from photoinhibition.59 When a photon between
400–700 nm enters the chloroplast, it is absorbed by a light harvesting antenna complex, that
undergoes exciton transfer between chlorophyll molecules from the outer antenna to the inner
antenna. At this point it can be used to excite the P680 reaction center, a pair of chlorophyll
molecules near the lumen side of PSII. This excitation generates a charge separation between
P680 and pheophytin, creating P680+/Pheo a-, the latter of which has a low reduction potential
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Figure 5. Electron transfer pathway of photosystem II. PSII is a homodimer
consisting of matching D1 and D2 subunits, but only one pathway is active in electron
transport.
that results in electron transfer from pheophytin to the plastoquinone permanently bound at QA,
reducing it to a semiquinone (Figure 5).61 This electron is then transferred to the QB site by way
of a non-heme Fe2+ located equidistant between the two sites, which reduces a bound
plastoquinone to a semiquinone. The semiquinone is reduced again by way of QA to form
plastoquinol, which is released from PSII and travels through the membrane to the cytochrome
b6f complex.59
To re-reduce P680+ to P680, PSII relies on the oxygen-evolution complex, a distortedcubane Mn4O5Ca cofactor arranged peripherally to PSII in the lumen of the thylakoid and
protected by three peripheral proteins (PsbO, PsbQ, and PsbP). Following the transfer of an
electron from P680* to QA, P680+ oxidizes a tyrosine residue, known as YZ, on the D1 protein to
generate a tyrosine radical that in turn oxidizes the OEC.62 After four sequential oxidations of the
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Figure 6. The S-state cycle of the oxygen evolving complex. The OEC generates electron
holes through four sequential reductions before it has the energy needed to split water.

OEC (known as the S-state cycle), it possesses the redox potential needed to extract electrons
from water and splits two molecules of water into molecular oxygen and four protons that are
released into the lumen and contribute to the electrochemical gradient that powers ATP synthase
(Figure 6).63-64 The mechanism of the OEC, the only biological catalyst capable of oxidizing
water, is still not completely understood.
Plastoquinol is a hydrophobic molecule that has a hydrocarbon tail that anchors it within
the thylakoid membrane. It travels to the Q0 site of cytochrome b6f, a heterodimeric protein
complex that facilitates electron transfer through a Rieske Fe-S protein.65 After the initial
oxidation of plastoquinol to a semiquinone, the Rieske protein shifts to transfer the electron to
the heme-containing cytochrome f, which then reduces plastocyanin, a copper-containing watersoluble protein that is free to cross the lumen and travel toward photosystem I (PSI).59 However,
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Figure 7. The electron transfers of cytochrome b6f. The modified Q-cycle, first described
in the cyt bc1 complex, generates a net increase in oxidized plastoquinones, which increases
the efficiency of photosynthesis.
the semiquinone bound to Q0 must be oxidized again before plastoquinone is released; since the
Rieske protein has temporarily moved approximately 20 Å out of position. This second oxidation
occurs through an electron transfer to an internal heme, bL, after which it is transferred to heme
bH; this entire process is known as the modified-Q cycle (Figure 7).66-67 The electron at bH then
reduces a plastoquinone bound at Qi. This process then repeats and the semiquinone at Qi is
reduced to a plastoquinol. In total, the modified Q-cycle oxidizes two plastoquinol for every one
plastoquinone reduced, releasing four protons to the lumen. This process is important for reoxidizing the plastoquinone pool, which provides substrates for reduction at the QB site of PSII.
Without this oxidation, photosynthesis would be much more inefficient.
When plastocyanin binds to PSI, a heterodimeric protein, it is oxidized by P700+, the PSI
reaction center in its excited state following photon capture.59 Following excitation of P700 to
P700*, the electron is transferred through two chlorophylls before reducing a bound
phylloquinone, after which it is transferred through three Fe4S4 clusters before reducing
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ferredoxin, a soluble protein found within the stroma and contains a 2Fe-2S cluster .68 Ferredoxin
then reduces ferredoxin-NADP+ reductase or travels back to cyt b6f, where it can pass the
electron back to cytochrome c in a process known as cyclic electron transport. While ferredoxinNADP+ reductase is used to catalyze the formation of NADPH, cyclic electron transport results
in increased ATP synthesis with no net NADPH production.59 The cell balances cyclic and linear
electron transport based on the energy needs of the cell.
Specific Aims
This work used C. vulgaris to characterize the effects of environmental stressors for three
primary goals: 1) to use it as a model system to determine the effects of various environmental
contaminants, 2) to optimize its capacity to be a feedstock for biodiesel production, and 3) to use
the photosynthetic data gathered from these two goals to learn more about the response of
photosynthesis under stress conditions. These goals were achieved by mapping the physiological
response to environmental stressors, both through measuring changing intracellular
macromolecule composition and by measuring the flux of photosynthesis over time.
Specific Aim 1 was to characterize the effect of low concentrations of Poast, a commonly
used agricultural herbicide formulation, on C. vulgaris, a non-target organism. Poast was
introduced to C. vulgaris in mid-exponential phase and the physiological effects were monitored
by measuring changing biochemical composition and photosynthetic productivity. Despite using
concentrations about 16x less than the manufacturer’s recommendations, Poast was determined
to have a near-immediate toxic effect on the cells, with 80% of the cells becoming non-viable
after 30 min of exposure. Using chlorophyll fluorescence and oximetry, it was determined that
the Poast formulation interfered with the OEC of PSII, and resulted in a total loss of linear
photosynthesis within 30 min. Additionally, tests on subcellular prepartions of PSII-enriched
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membranes using sethoxydim, the active ingredient of the formulation, showed no effect on
oxygen production, indicating that an unknown agent or some combination of agents caused the
detrimental effects.
Specific Aim 2 was to determine the capacity of C. vulgaris to bioaccumulate
manganese, a common mining contaminant, for use in phycoremediation. Using inductively
coupled plasma optical emission spectroscopy, the intracellular and membrane-bound manganese
was monitored over the course of the growth period. Simultaneously, cell density, pigment
concentration, and photosynthetic capacity was monitored to determine the effect of manganese
stress on the metabolism of the algae. C. vulgaris was able to accumulate manganese up to 55x
the external media concentration and did so without significant biochemical detriment.
Additionally, photosynthetic capacity increased with increasing manganese concentrations,
despite the damaging effect similar metals have shown in the literature. The findings suggest that
not only can C. vulgaris be used for bioremediation of manganese-contaminated waterways, but
that manganese itself can be used to make algae more productive for the generation of valueadded products.
Specific Aim 3 was to follow the use of glycerol in algal metabolism for the production
of triacylglycerols needed for biofuel production. Glycerol is a byproduct of biodiesel production
that has shown to be a useful carbon source for the upregulation of lipid synthesis in algal
cultures. However, previous research has only utilized glycerol in purely heterotrophic cultures,
negating the positive impact mixotrophic culturing has on lipid production. This study utilized a
mixotrophic two-step fed batch system, in which cells were provided with dextrose upon initial
inoculation and supplemented with glycerol once they reached stationary phase. Unlike the
studies found in the literature, glycerol introduction did not significantly increase lipid

17

production in cells. However, using isotopically labeled glycerol and gas chromatography mass
spectrometry, it was determined that glycerol is incorporated directly into the triacylglycerol
backbone. Using chlorophyll fluorescence and oximetry, the photosynthetic output was observed
to be less in cultures exposed to glycerol, suggesting that although carbon input is increased,
contributions from photosynthesis are limited by glycerol addition. This study therefore
highlights the need to further characterize the pathway of glycerol incorporation in order to better
optimize C. vulgaris for biofuel production.
Specific Aim 4 is to determine the plasticity of PSII – both in the terms of antenna size
and reducing ability of reaction centers – following exposure to increasing manganese
concentrations. C. vulgaris was grown to exponential phase in concentrations of manganese up
to 1000x the control and probed via in vivo fluorescence techniques to measure the relative
amounts of active reducing centers and changing reliance on PSIIα and PSIIβ light harvesting
antenna complexes. Additionally, the photosynthetic efficiency was monitored through the
quantification of non-photochemical quenching, the process through which PSII dissipates
unused photons and protects itself from photoinhibition. This study highlights ways in which
algae can be engineered to be more photosynthetically productive for use in biofuel applications.
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CHAPTER 2
ORGANISMAL OPTIMIZATION OF CHLORELLA VULGARIS FOR USE IN BIOFUEL
PRODUCTION: A REVIEW
Introduction
Amid diminishing fuel reserves and increasing global concern over climate change, it has
never been more important to develop renewable petroleum replacements. The most realistic
biological petroleum replacement is microalgae, as its ability to grow rapidly in adverse
environments using a variety of water sources makes it a promising source of energy that will not
compete with agricultural resources.69 Microalgae surpass terrestrial biofuel feedstocks when
metabolizing solar energy; with a solar energy conversion efficiency of 3 – 9%, microalgae
outcompete the theoretical maximum of both C3 and C4 plants that have a solar energy
conversion efficiency of 2.4 and 3.7% efficiency, respectively.43 Due to this increased efficiency,
current theoretical yields estimate that microalgae can be up to 20x more productive per unit area
than the most productive terrestrial crops.70 If microalgae could be optimized to produce 70% oil
by biomass, it could satisfy 50% of the United States’ transport fuel needs while using less than
2% of the existing 13.9 million acres used for corn-based ethanol production.47
Unlike agricultural crops, which have been subjected to a millennium of crop
domestication and optimization for human uses, the optimization of microalgae is in its infancy,
and with it, the knowledge needed to breed strains that are biochemically productive and
economically feasible. While investigations of photosynthesis and other topics in plant science
have laid the fundamental framework needed to strategically manipulate algal species, the
genetic diversity across microalgae, some of the most ancient organisms on earth with an
estimated 40,000 – 70,000 species over nine phyla, lends itself to unique challenges for plant
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scientists and phycologists.71 With diversity of species, comes diversity in biochemical
composition. While selecting species with high lipid production is important, it is equally
important to select species that have been screened on the basis of lipid yield, lipid class
composition, and fatty acid profile, as not all lipids are useful or efficient for biodiesel
production. Generally speaking, cetane number, heat of combustion, melting point, and viscosity
increase with chain length and decrease with increasing unsaturation, with polyunsaturated fatty
acids also being more prone to oxidation.72 An ideal biofuel feedstock would be genetically
engineered to produce a higher than usual abundance of long chain saturated fatty acids, but the
diversity of algal species, enhanced by their evolved adaptations to a wide range of environments
and chemical stressors, has generated challenges for genetic manipulation. While the
chloroplastic, nuclear, and mitochondrial genomes can all be manipulated, electroporation and
biolistic methods of transformation have been most frequently used, causing inconsistencies as
the genes of interest can be subject to random integration.73 Furthermore, due to diversity in both
genomes as well as physiology, it is likely that an appropriate DNA delivery system and
optimized transformation conditions will need to be developed for each microalgal species.74
Chlorella vulgaris is a unicellular green alga that is capable of withstanding harsh
conditions and multiplies via auto sporulation at a rate of four daughter cells per mother cell per
day.75 This rapid growth rate, combined with its ability to auto-flocculate under basic conditions
as well as thrive in both heterotrophic and photoautotrophic conditions, has made it a target for
biofuel research. Although C. vulgaris has an average accumulation of 25% lipids by biomass
under nutrient replete conditions, far from the target of 70%, significant increases have been
achieved through a variety of research and development initiatives.70 In addition to physiological
characterizations, researchers recently sequenced and annotated the genome of C. vulgaris,
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opening up the possibility for large-scale proteomic studies and genetic manipulations that were
impossible only two years ago.56 If these developments can be paired with the increased
efficiency seen with advancements in biofuel engineering, C. vulgaris can provide an optimal
feedstock for biodiesel and help to circumvent the use of petroleum worldwide. This review
details the developments in growth conditions and genetic manipulation of C. vulgaris and its
potential contribution to the global fuel industry. While the properties of the organism have
already been extensively reviewed by Safi et al., this review details the research and
development work that has significantly increased its viability as a biodiesel feedstock.
Carbon Sources for Increased Lipid Production
Chlorella vulgaris is able to switch between photoautotrophic, heterotrophic, and
mixotrophic growth modes in order to quickly adapt to environmental conditions. While
heterotrophic cultures have been the standard for increasing lipid and biomass for many years,
recent research has shown that C. vulgaris requires the photosynthetic light reactions to enhance
its potential as a biodiesel feedstock, with mixotrophic cultures producing four times the amount
of lipids of heterotrophic cultures after five days and over twice as much lipids after eight days,
despite reaching the same biomass.76 However, introducing light, specifically artificial light, will
introduce yet another energy and financial investment, once again reducing the economic
feasibility of algal biofuel feedstocks.
In order to minimize the energy investments of artificial lighting and/or exogenous
carbon sources, researchers have attempted to increase the lipid yield of C. vulgaris through
different regimens of photoautotrophic growth. However, some investment is necessary: room
air, which contains about 0.04% CO2, is simply not concentrated enough to efficiently sustain the
needs of C. vulgaris’ photosynthetic output when used as the sole carbon source.77 Increasing
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concentration of CO2 to 1% yielded higher biomass concentrations with 0.78 g/L and 20% lipids
per biomass, but further increases in concentration did not have a significant increase over room
Table 1. Summary of exogenous carbon sources used for increasing lipid production in C.
vulgaris.
Waste source

Lipid rate (g · L-1 ·d-1)

Lipid %

Biomass (g · L-1)

Source(s)

Artificial wastewater

0.044 – 0.147

20 – 42

0.28 – 0.89

78

Cheese whey

0.253

30

3.58

79

Cyperus esculentus

0.381

34.44

4.43

80

Dairy waste

0.044

14.38

0.25 – 1.87

81-84

Ethanol thin stillage

1.1

43

5.8 – 9.8

85

Food waste

0.064

8.58 - 31

0.37 – 3.8

86-88

Glycerol waste

0.163

39

2.92

89

MSG effluent

0.005 – 0.013

13.47 – 25.40

0.35 – 1.02

90

Municipal wastewater

0.021 – 0.575

8.73 – 33.49

0.12 – 2.0

82, 91-96

Orange peel extract

0.022

12.27

2.2

97

Organic fertilizer

0.001

18.1

—

98

Piggery waste

0.093 – 0.28

16.9 - 28

0.75 – 1.68

99-101

Pine wood

0.072 – 0.319

21 - 32

0.69 – 4.94

102

Saline effluent

0.020 – 0.054

12 - 41

0.059 – 1.13

103-105

Sewage sludge

0.066 – 0.20

20.01

0.5 – 4.23

82, 106

Soy whey

0.2

11

2.5 – 6.3

85

air for biomass or lipid percent. Additionally, chlorophyll concentration was highest with the 1%
CO2 cultures, indicating that photosynthesis was most active using this regimen. Like
22

Woodworth et al., this suggests that lipid productivity is tied to photosynthetic productivity, as
the optimal CO2 concentration for lipid and biomass productivity is also the best for
photosynthesis.76 This could show an enhancement of acetyl-CoA carboxylase (ACCase)
functionality, as its catalytic activity is partially modified by changes in pH, Mg2+ concentration,
and redox changes within the stroma of the chloroplast.107 Increases in photosynthetic activity
lead to increases in protons released into the thylakoid lumen, increasing the pH of the stroma.
Since ACCase is more active in alkaline conditions, this could increase its activity, increasing the
overall lipid percent of the organism.108 It is possible to significantly increase lipid and biomass
production with higher concentrations of CO2, but only through the use of nutrition starvation
conditions, such as when one group paired using 3% CO2 with nitrogen limitation.109 While they
were able to achieve a biomass of 1.4 g/L and a lipid content of 23.3%, this method is expensive
due to the need for centrifugation-mediated media exchange and for CO2 concentration.
Supplying cells with exogenous carbon sources has greatly increased biomass and lipid
production, even without incorporating the photosynthetic reactions. However, small differences
in carbon sources leads to significant differences in both biomass production as well as lipid
productivity. Gim et al. evaluated the effect that six different carbohydrates had on the growth
productivities of C. vulgaris grown heterotrophically and mixotrophically, with glucose, a simple
hexose monosaccharide, producing the best mixotrophic and heterotrophic growth, with a lipid
content of 0.5, 1.7, and 1.8 g/L in photoautotrophic, heterotrophic, and mixotrophic cultures,
respectively.110 While the other carbon sources—galactose, rhamnose, xylose, fructose, and
sucrose, listed in order of decreasing efficacy—all increased productivities beyond those seen
under photoautotrophic growth, none could compete with the enhanced growth generated
through glucose availability. This is because glucose can be catabolized directly into glucose-6-
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phosphate before conversion to pyruvate via anaerobic glycolysis, after which it is entered into
the citric acid cycle and used for ATP production through oxidative phosphorylation.111 Thus the
introduction of glucose can directly increase ATP production, generating excess energy in
addition to what is needed for protein synthesis, allowing for increases in reproductive rate,
biomass productivity, and lipid content. Other carbon sources need more complex and energy
intensive inter-conversions before they can be used for metabolic processes. While glucose and
fructose contain the same number of carbons, fructose cannot be directly converted into glucose6-phosphate, requiring an energy investment to prepare it for the TCA cycle. Sucrose, a nonreducing sugar, requires hydrolysis to separate the molecules of fructose and glucose, as well as
further conversion of the fructose, which explains why the cells had the lowest levels of biomass
productivity when supplemented with sucrose.
Combining glucose availability with light exposure generated the most promising results,
likely because this combination generates excess ATP and NAD(P)H, allowing for accelerated
cell growth due to high availability of reducing equivalents.76, 110, 112-115 However, while this
increases the efficiency on the organismal level, it hurts economic feasibility as glucose is the
most expensive carbohydrate available for use in growth media and can account for up to 80% of
the total medium cost.113, 116 In order to cut costs, researchers have used glycerol, a byproduct of
the transesterification process that converts triacylglycerols into the fatty acid esters needed for
biodiesel, as an exogenous carbon source. In one study, using 5 g/L glycerol medium, C. vulgaris
reached a maximum biomass of 1.91 g/L, compared to just 1.37 g/L in photoautotrophic
medium. When cultured with 5 g/L glycerol, the culture reached a TAG content of 15.91%,
12.20% higher than photoautotrophically grown cultures. Glycerol also improved the quality of
the lipids produced, as 34.94% of the TAGs were saturated fatty acids, as compared to just
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16.91% in the photoautotrophic cultures.117 However, when used as a sole carbon source,
glycerol had a pronounced lag phase before entering exponential phase, likely due to the lack of
cellular machinery to properly metabolize it. Additionally, glycerol inhibits the pentose
phosphate pathway, leading to a decrease in nucleotide production needed for cell division.118 By
using a 2-step batch culture in which cells were initially provided 10 g/L glucose before being
dosed with an additional 10 g/L glycerol in stationary phase, cells experienced a 1.4-fold
increase in growth and a 13.85% increase in lipid content compared to batch fed, with an overall
lipid content of 36.39% and productivity of 729.67 mg · L-1 · d-1. Lipid yield was best when using
crude glycerol rather than analytical grade glycerol, which is promising for biodiesel production
as the energy investment is lower than if needing processed glycerol.119
In addition to providing substrates for metabolism, exogenous carbon sources can also be
used strategically to inhibit pathways that pull energy away from lipid production. Xylose, for
example, is a waste product of the pulp and paper industry and is a major component of
hemicellulose, a less rigid structural polymer than cellulose but still abundant in nature.120
However, xylose has been found to be toxic in many different algal and bacterial species due to
its interference in metabolic pathways.121 While C. vulgaris was capable of growing
heterotrophically on xylose alone, cultures had a decreased performance compared to
photoautotrophic cultures as the monosaccharide initiated a loss in chlorophyll content with a
subsequent increase in lipid content, but after 24 h, also resulted in the shrinkage of cells. The
bleaching effect caused by xylose is species specific, not due to acidification of the medium, and
not due to photo-oxidative stress. Xylose caused a similar effect to nitrogen deprivation without
the budget-limiting step of centrifugation. Using xylose as an alternative to nitrogen deprivation,
wherein cultures are dosed approximately 24 h prior to harvest, is a method through which lipid
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productivity could have a three times increase using a fraction of time and expense required with
nitrogen deprivation. Additionally, most of the xylose is still present in the media following
inhibition, allowing for recycling of the raw material.122
Nutritional Supplementation with Waste Water Sources
While mixotrophic growth clearly improves lipid and biomass productivity, the cost of
exogenous carbon sources causes challenges when scaling up production. In order to thwart the
added cost while providing the same benefit of mixotrophic growth, researchers and
entrepreneurs have employed various waste effluents as sources for both exogenous carbon as
well as inorganic minerals. This has been of particular advantage to industries that produce large
amounts of unmarketable waste – such as dairy farms or piggeries – as they produce waste with
high concentrations of nitrogen that directly benefit algal growth.
Piggery wastewater in particular is of serious environmental concern as over 11 million
tons of piggery wastewater is generated in China alone on a yearly basis.123 While its abundant
concentrations of nitrogen, phosphorus, and essential minerals makes it an ideal feedstock for
microalgae growth, it also contains high concentrations of ammonium, which is toxic to
microalgae.124 However, by diluting it with media or distilled water, this toxicity was mitigated,
generating algae with 28% lipids per dry mass.99 Ammonium toxicity can also be avoided in
wastes with high organic carbon contents, such as sewage waste, as the benefit of assimilating
the carbon source outweighs the inhibitor effect of high ammonium concentrations.106 Sewage
contains an abundance of volatile fatty acids, which can be directly incorporated into the cells,
generating lipid contents around 20%.82, 106
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Table 2. Summary of waste water sources used for C. vulgaris cultivation and their
potential for biodiesel production.
Waste source

Lipid rate (g · L-1 ·d-1)

Lipid %

Biomass (g · L-1)

Source(s)

Artificial wastewater

0.044 – 0.147

20 – 42

0.28 – 0.89

78

Cheese whey

0.253

30

3.58

79

Cyperus esculentus

0.381

34.44

4.43

80

Dairy waste

0.044

14.38

0.25 – 1.87

81-84

Ethanol thin stillage

1.1

43

5.8 – 9.8

85

Food waste

0.064

8.58 - 31

0.37 – 3.8

86-88

Glycerol waste

0.163

39

2.92

89

MSG effluent

0.005 – 0.013

13.47 – 25.40

0.35 – 1.02

90

Municipal wastewater

0.021 – 0.575

8.73 – 33.49

0.12 – 2.0

82, 91-96

Orange peel extract

0.022

12.27

2.2

97

Organic fertilizer

0.001

18.1

—

98

Piggery waste

0.093 – 0.28

16.9 - 28

0.75 – 1.68

99-101

Pine wood

0.072 – 0.319

21 - 32

0.69 – 4.94

102

Saline effluent

0.020 – 0.054

12 - 41

0.059 – 1.13

103-105

Sewage sludge

0.066 – 0.20

20.01

0.5 – 4.23

82, 106

Soy whey

0.2

11

2.5 – 6.3

85

While manure and sewage-based waste waters are useful nutrient sources for microalgae, they
also generate large concentrations of microbial contaminants, which can overtake the growth of
C. vulgaris when presented without pretreatment.93 This can be remedied through the use of
treated municipal wastewater, which can be pre-treated through sterilization, ultrasonic
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cavitation, or ultraviolet light before microalgae cultivation without large-scale modifications to
existing wastewater treatment plants.91 Municipal wastewater provides a wide range of lipid
contents in C. vulgaris, dependent on the addition of exogenous carbon as well as the presence of
a light source. While heterotrophic growth presents an economic advantage through the dismissal
of artificial light requirements, it also requires heavy supplementation through acetate or glucose
in order to reach its full potential, dramatically increasing the cost of the growth medium.96
However, in mixotrophically grown cultures, the use of carbon supplementation can prevent the
need for internal aeration normally used for aerobic digestion of municipal waste.95 This, when
combined with the fact that algae can be used for profit via value added products as well as with
the quick digestion time (approximately 2 days) and the lack of temperature control, increases
the profitability and feasibility of microalgal biofuel feedstocks. Furthermore, if a credit of $0.40
m-3 is considered for primary wastewater treatment by algae, then it would cost approximately
$231.59 to produce 1 ton of algal biomass. Assuming an optimized lipid content of at least 42%,
algal biofuels would now be competitive with petroleum up to $63.97 per barrel.47, 78 As of
March 27, 2019, petroleum was priced at $59.19.
To avoid the added costs of water treatment, several groups have successfully utilized
high saline effluents for microalgal growth. High saline effluents, including those from real tidal
saline waters, have too high of saline concentrations to sustain bacterial growth, reducing the
potential of contamination considerably.104 Since C. vulgaris is robust, it can easily survive in
high saline water, maintaining an osmotic equilibrium with the surrounding media.105 However,
once the media is deplete of nitrogen, the excess salinity acted as an environmental stressor,
inducing increases in lipid synthesis similar to that of induced nitrogen depletion.103 This effect
is also salt-specific: while KCl resulted in the aforementioned stressed state upon nitrogen
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depletion, high sodium in the media induced a stressed state before nitrogen depletion, showing
immediate increases in algal lipid generation upon exposure. Thus waste-processing centers
could strategically utilize the concentrations of saline effluents to expose cultures to high sodium
solutions directly before harvest, ensuring that the lipid content is as high as possible prior to
processing for biofuel production.
Nutrient Deprivation for Enhanced Lipid Production
Nutrient deprivation is currently recognized as the most successful and widely used
strategy for increasing lipid production in biofuel feedstocks.125 Nitrogen deprivation is the most
widespread, as the method is inexpensive, easy to manipulate and fine tune, and has a reliably
significant impact on lipid content in most algal species. C. vulgaris is particularly susceptible to
these effects; in a study with 10 other species of algae, C. vulgaris had both the highest overall
growth rate as well as the largest increase in lipid content in response to nitrogen deprivation.70
A challenge of nitrogen deprivation, outside of issues with economic feasibility due to the
need for large-scale centrifugation, is the overarching effects on cellular morphology. While an
ideal microalgae would be able to rapidly accumulate lipids while continuing to grow in number,
this is impossible under nitrogen deprivation as protein synthesis, a nitrogen-dependent process,
is severely limited, leading to a stagnation in cellular division.77, 126 Additionally, photosynthesis
is highly impacted, with chlorosis occurring within 48 h of nitrogen depletion with a subsequent
decrease in photochemical energy conversion accompanied by increases in non-photochemically
active carotenoid pigments.127-128 A decrease in photosynthetic activity results in decreasing of
reducing equivalents needed for lipid synthesis, limiting the overall potential of lipid yield.76 An
interesting byproduct of nitrogen limitation is that of fast carbohydrate increase, with cells
reaching nearly 50% carbohydrates per dry mass within the first 48 h of depletion.126 Since the
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primary storage component of microalgae under physiologically ideal conditions is starch, the
increase in carbohydrates may be accounted for by a decrease in starch demand as the metabolic
flux for other carbon-dependent pathways decreases, increasing the dissociation of individual
monosaccharides from starch macromolecules. While this process increases the overall available
energy content of the microalgae, it is not helpful for biofuel production as carbohydrates can
only be used to generate ethanol, rather than the drop-in ready biodiesel produced from TAGs.
TAG accumulation increased following monosaccharide release from starch, with increases
beginning 48 h of nitrogen deprivation.126
Regiments of sulfur deprivation have also generated enhanced lipid production, with
deprivation conditions resulting in 1.5 – 2.4 fold higher lipid contents.129 As with nitrogen
deprivation, the cells first increased their overall concentration of carbohydrates before
increasing their TAG production. Additionally, there is evidence of decreased protein synthesis
as cell numbers stagnated while cell dry mass continued to increase, though not as much as the
cells in the replete conditions. Like nitrogen deprivation, the sulfur deprivation resulted in
changes to the ultrastructure of the chloroplast, as decreases in the size of the chloroplast
observed using transmission electron microscopy corresponded with increases in starch
accumulation, before the appearance of larger lipid droplets occurred. Interestingly, glucose
consumption continues after the onset of sulfur depletion. This indicates that, unlike with
nitrogen depletion, carbon metabolism is still active within cells, rather than macromolecular
bioconversion alone.130
While both nitrogen and sulfur deprivation result in increases in overall lipid content, this
does not extend to all nutrients, showing how further pathway analysis is needed in order to
determine the causes of increasing lipid flux. A notable mineral that is needed both for cell
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division as well as lipid synthesis is phosphorus, without which the cells cannot thrive.
Phosphorus deprivation alone does not enhance lipid productivity, but excess phosphorus in the
absence of nitrogen availability increased overall lipid content, with an increase in TAGs needed
for biofuel production, specifically.131 In fact, in nitrogen-deprived conditions, cells that are
exposed to excess phosphorus have increased overall rates of lipid production and uptake the
phosphorus at a rate nearly four times higher than cells in nitrogen replete conditions.132 This is
likely due to the need for ATP generation; as the cells are unable to produce excess NADPH
through the downregulation of the photosynthetic electron transport chain, the cells are more
likely to rely on ATP synthesis from oxidative phosphorylation in the mitochondria.
Further work for using C. vulgaris for biofuels
C. vulgaris encapsulates many of the qualities most desirable for algal biofuel feedstocks;
it is stable and robust against pathogens and other contaminants, it can survive and thrive in
waste waters, it requires little additional nutrients and can utilize a variety of exogenous carbon
sources, and it can survive in a variety of light conditions, including both excessive light and
heterotrophic growth.57 However, despite over 20 years of biofuel-related research using C.
vulgaris for biodiesel production, very little overall progress has been made.
Part of the problem in previous years has been the reliance on fragile model organisms,
such as Chlamydomonas reinhardtii, that share many homologous proteins with C. vulgaris but
are too genetically complex to model the pathways that need to be engineered in Chlorella. Now
that C. vulgaris has been fully sequenced, there will be a decreased in reliance on other
organisms and, with increased database annotations, the possibility of directly engineering
enhanced lipid pathways through genetic transformations. While transfecting C. vulgaris has
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been shown to be challenging, improvements in genetic technologies, such as CRISPR-Cas9
systems, increase the possibility of better engineering algal strains for biofuel production.133
However, while lack of genetic sequencing and manipulation has decreased the rate of
continuing research, problems peppered throughout the decades of C. vulgaris research generate
a highly problematic research library that is challenging to condense for the optimization of algal
biofeedstocks. The first problem comes from differing strains: C. vulgaris is ubiquitously grown
on nearly every continent leading to large strain varieties with differing phenotypes. While some
researchers include the specific strain and location in their published work, many do not;
additionally, many researchers use “mined” algal colonies from local waterways, which, without
genetic or ribosomal confirmation, cannot be absolutely confirmed to be C. vulgaris.
Furthermore, updates to species’ classifications over the years have generated new species of
Chlorella that were previously included under the C. vulgaris umbrella, such as Chlorella
protethecoides, a Chlorella strain with an unusually high lipid content under normal conditions.
Without more specific strain selection or reporting, it is difficult to determine which optimization
methods found in the literature will be most effective for industrial purposes.
Additionally, the methods of data collection vary widely across the field of algal biofuels,
with differences in both the analytical methodology as well as the notation used to describe
production. While some researchers use ‘specific growth,’ a rate generated from the product of
time and dry mass productivity, other publications refer only to the growth as a function of
media volume, or else the mass of growth as a function of time alone. This continues for lipid
analysis: many papers report the rate of production while others report content percent alone;
some researchers report total lipids while others report neutral lipids and/or TAGs. These
inconsistencies make it nearly impossible to make overarching conclusions as to the state of
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optimization for C. vulgaris for use in biofuels and make it equally challenging to generate new
experiments that either corroborate or expand on pre-existing datasets.
Conclusion
Algal biodiesel has the potential to make a meaningful impact on the overall use of fossil
fuels by diversifying the energy sector with a renewable, carbon neutral fuel source that will not
compete with other agricultural products. C. vulgaris, with its ability to survive in nutrient
deficient conditions and without arable land, is a potential biofeedstock that must be further
optimized before it is economically feasible for large-scale production. While over 20 years of
research have provided a wealth of literature characterizing the effects of stressors and other
growth conditions on the alga, standardization of analytical methods as well as the incorporation
of direct genetic manipulations are needed to further explore the potential for C. vulgaris to be
used on an industrial scale for the production of biodiesel.
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CHAPTER 3
CHARACTERIZING THE EFFECT OF POAST ON CHLORELLA VULGARIS, A NONTARGET ORGANISM
A manuscript published in Chemosphere:
Smythers, A. L.; Garmany, A.; Perry, N. L.; Higginbotham, E. L.; Adkins, P. E.; Kolling, D. R.
J. Characterizing the effect of Poast on Chlorella vulgaris, a non-target organism. Chemosphere
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Herbicides may cause unexpected damage to non-target organisms as it is challenging to
predict undesirable biotic interactions. Poast is a widely used herbicide formulation that contains
sethoxydim and targets the acetyl-CoA carboxylase of perennial grasses. In this study, Chlorella
vulgaris, a unicellular green microalga, was exposed to a 0.08% working concentration of Poast
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and the physiological and biochemical changes that took place were monitored using
biochemical assays, fluorometry, oximetry, and immunoblotting. Within 15 min, severe
photosynthetic damage was observed through a reduction in oxygen production and a reduced
rate of electron transfer beyond photosystem II. In addition to direct damage to the
photosynthetic machinery, it was shown that cells experienced membrane fragmentation. Within
30 minutes, over 90% of the exposed cells were nonviable. However, sethoxydim, the active
ingredient, did not cause detrimental effects when applied along with mineral spirits. A
synergistic or additive effect cannot be ruled out. This data suggests that Poast has the potential
to cause severe harm to unicellular phototrophs in the case of herbicide over application or
runoff.
Introduction
Herbicides are widely used in agriculture to promote the growth of target plants through
the inhibition or by hindering competitors. These herbicides typically rely on compounds
targeting specific proteins essential for plant survival, such as those needed for photosynthetic
electron transfer or macromolecule synthesis. Herbicides affecting photosynthesis can be
effectively monitored using the OJIP fluorescence transient, through which it is possible to infer
changes in electron transfer throughout the entire electron transport chain. In fact, this is the most
efficient system through which to monitor in vivo samples exposed to photosynthesis inhibiting
herbicides, such as diuron, hexazinone, and atrazine.134-136
Herbicides are typically effective in small concentrations but are commonly mixed with
carriers, wetting agents, or spreaders to make commercial formulations. These formulations are
optimized to make handling easier, improve the performance of the active ingredient, and to
minimize the adverse effects on non-target organisms.137 However, the impact of the herbicide
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formulation has the potential to be vastly different than that of the active ingredient without
additives, causing unforeseen effects when introduced into the environment. These interactions
can result in an increased toxicity as well as a decrease in species specificity that may be difficult
to predict.138 Therefore, to properly gauge the potential environmental effects of various
agricultural run-offs, it is prudent to use commercial formulations to ensure the data will be more
physiologically relevant.139
Sethoxydim is a member of the cyclohexanedione herbicide family used to inhibit plastid
homomeric acetyl-CoA carboxylase (ACCase), the rate-limiting enzyme in lipid synthesis, in
monocotyledonous and adventitious grass species. Specifically, it blocks the biotin-binding site,
preventing the carboxyltransferase partial reaction from occurring.140 This ACCase inhibitor is
commonly used as post-emergence herbicide to protect broad-leaved crops such as cotton,
soybean, sugar beet and tobacco against undesired annual grasses, wild oats, volunteer cereals
and quackgrass. Sethoxydim is amphipathic and non-volatile, two desirable herbicide
characteristics. Additionally, it has the advantage of being isomerically selective, easily
degradable, and it can be used at dosages lower than 300 g ha-1 .141 Sethoxydim is commercially
available as Poast where it is concentrated at 13% (w/v), or 366 mM. Sevilla-Moran et. al (2017)
used a Microtox toxicity test and found the Poast formulation caused increased toxicity to Vibrio
fischeri, a bioluminescent bacteria, when compared to the sethoxydim alone.138 However, there
are no known studies on the effect of this formulation on unicellular phototrophic organisms.
Poast is used in large agricultural settings and has the potential to run off into streams and
other natural waters where it could disturb the biotic environment. To determine the potential
detriment of this disturbance, Chlorella vulgaris, a unicellular freshwater microalga, was
exposed to a 0.08% (v/v) concentration of Poast (approximately 20x less than the manufacturer’s
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recommended concentration of 1.5%), after which the cultures were assayed for cell viability and
their biochemical components were monitored at 12-h increments. While the formulation would
be diluted with time and additional water volume, fields (due to pooling), shallow streams, and
small ponds could potentially experience a direct effect following run off or drifting. 0.08% was
chosen as it was the lowest concentration that results in complete culture death during one
growth cycle. Even at this seemingly low concentration (relative to the working concentration),
catastrophic effects were documented in C. vulgaris. One may expect to see this concentration in
transient pools that appear in crop fields and surrounding areas. Organisms found in nearby
shallow ponds and streams could be strongly affected. In addition, the amphipathic or nonpolar
nature of some of the herbicide formulation components could result in aggregation and higher
local concentrations (even in larger bodies of water) due to their low miscibility. There are many
studies in the literature that concern the effects of herbicides, herbicide run-off dynamics, and
herbicide formulations as they concern run-off and negative effects on non-target species.142-145
To further characterize the effects of the herbicide formulation on C. vulgaris, oximetry and the
chlorophyll a (Chl a) OJIP fluorescence transient were utilized to assay for changes in
photosynthetic activity.
Materials and Methods
Reagents
D-Glucose, erythrosine, and the Folin-Ciocalteu reagent were acquired from SigmaAldrich Inc. (Dermstadt, DE). NaOH, sucrose, and MES monohydrate were purchased from
Columbus Chemical Industries (Columbus, WI), EMD Millipore (Billerica, MA), and Alfa Aesar
(Haverhill, MA), respectively. The remaining reagents, unless otherwise specified, were obtained
through Fisher Scientific (Hampton, NH).
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Strain and culture growth conditions
Batch cultures of Chlorella vulgaris were maintained on lysogeny broth agar plates and
inoculated into 25 mL of modified Chlorella medium supplemented with 20 g/L of dextrose into
50-mL sterile Erlenmeyer flasks top capped with aluminum foil.76 Cultures were grown in
triplicate, using a 1-mL inoculum from a stationary phase culture and kept under constant white
light conditions of 30 µmol photons · m-2 · s-1 at 25 C at an orbital rotational speed of 100 rpm.
For sethoxydim-formulation-treatment experiments, cells were dosed with Bonide Grass
Beater with Poast Plus (Bonide Products, Inc., Oriskany, NY) at 36 h to establish a working
concentration of 0.08% (v/v) within cultures. Control cultures were dosed with an equal volume
of Jasco mineral spirits (W.M. Barr, Memphis, TN), the solvent used in suspending the
formulation.146
Spectroscopic cell density
Cell density (turbidity) was obtained using a Shimadzu UV-1800 spectrophotometer (Shimadzu
Corp., Kyoto, JP) at 750 nm as previously described.76
Pigment extraction
Pigments were extracted as previously described and measured from 470 to 700 nm.
Chlorophyll a, Chlorophyll b (Chl b), and total carotenoids were calculated using the following
equations:76, 147
[Chl a] = (12.47 x Abs665.1) – (3.62 x Abs649.1)
[Chl b] = (25.06 x Abs649.1) – (6.5 x Abs665.1)
[Carotenoids] = [ (1000 x Abs480) – (1.29 x [Chl a]) – (53.78 x [Chl b]) ] / 220
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Cell viability
Cells were combined at a 1:1 ratio with 2.5% (w/v) erythrosine and counted using a
Neubauer improved disposable hemocytometer (Electron Microscopy Sciences, Hatfield, PA)
with a VWR VistaVision light microscope at 1000x magnification. Non-viable cells were stained
pink while viable cells remained the characteristic Chlorella sp. green.148 Cell counts used the
average of four 2.5 x 10-7 mL squares, adjusted for dilution. Measurement was conducted in
triplicate for all cultures.
Cell dry weight measurement
Dry mass was measured using 1 mL of cells per filter rather than 0.5 mL as previously
reported.76
Lipid extraction and lipid dry weight analysis
Lipid extractions were performed using a modified methyl tert-butyl ether extraction similar to
the method published by Matyash et al. (2008).149 Two 1-mL samples were pelleted and the
supernate discarded. Cell pellets were lysed with 1 mL of methanol and incubated in a 9-mL tube
with 6 mL of methyl tert-butyl ether for 1 h before adding 1.5 mL of ultrapure H2O and
incubating for another 15 min. Suspensions were centrifuged for 15 min at 10,000 xg and the
organic layer was removed by a Pasteur pipette into a pre-weighed 4-cm tube and dried under
constant airflow. The extraction was done twice to ensure close to complete recovery of lipid
mass. Tubes were weighed on a Secura 125-1S analytical balance (Sartorius, Göttingen, DE).
Carbohydrate quantification
Carbohydrates were quantified using the acid-phenol test.150 In brief, 100 µL of sample
was collected in triplicate from each culture and pelleted, discarding the supernate. The pellet
was resuspended with 100 L of ultrapure H2O before adding 500 L concentrated H2SO4 and
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vortexing. After a 15-min incubation at room temperature, 100 L of 5% (w/v) phenol in
ultrapure H2O was added and vortexed. After 15 min, 600 L of ultrapure H2O was added and
thoroughly vortexed before finding the absorbance of each sample at 490 nm using a Shimadzu
UV-1800 spectrophotometer. Calibration curves were prepared daily using a freshly prepared
0.05 mg/mL D-glucose stock solution.
Protein extraction and quantification
Protein quantification followed the method of Lowry et al. (1951) as modified by Price
(1965).151-152 A stock of Lowry Reagent D was prepared daily in a 48:1:1 ratio of Lowry
Reagents A (2% w/v Na2CO3 in 0.1N NaOH), B (1% w/v NaK Tartrate), and C (0.5% w/v
CuSO4·5H2O). The Folin-Ciocalteu reagent was prepared daily with a 1:1 ratio of ultrapure H2O.
To quantify the protein in the cell medium, 50 L of culture medium was added to individual
microcentrifuge tubes in triplicate followed by 950 L Lowry Reagent D and immediate
vortexing. Samples were then incubated for 10 min at room temperature before adding 0.1 mL of
diluted Folin-Ciocalteu reagent and vortexing again. The samples were incubated 30 min at room
temperature and the absorbance of each sample was measured at 600 nm using a Shimadzu UV1800 spectrophotometer. Calibration curves were prepared daily using a 2-mg/mL bovine serum
albumin stock solution.
For intracellular protein quantification, proteins were extracted from cells following the
method of Slocombe et al. (2013).153
Oxygen evolution in vivo
Photosynthetic oxygen production was measured using a Clark-type electrode
(Hansatech, UK) at 18 C. Oxygen measurements were conducted by exposing 200 µL of cell
suspension to a 1700-µmol photons· m-2 · s-1 white light after a 5-min dark adaptation phase.
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High light intensity was chosen in order to ensure light saturation of photosystem II—the initial
rate of oxygen production was measured, normalized to Chl a and used for comparison.
Chlorophyll fluorescence induction in vivo
Photosynthetic electron transfer was inferred from Chl a fluorescence using a Photon
Systems Instruments FL 3500 fluorometer. Cuvettes were loaded with 3 mL of clean (nonherbicide exposed) modified Chlorella cell medium before adding 60 L of algal cell suspension
and dark-adapting it for 5 min. Measurements were conducted at room temperature.
Fluorescence data was collected using FluorWin connected to the Photon Systems Instrument.
The OJIP protocol included a 1-s actinic illumination using 630-nm light at an intensity of 2,400
µmol photons m-2 s-1. Fluorometry parameters were calculated as outlined by Stirbet et al. (2018)
and Chen and Cheng (2009).154-155 For a comprehensive review, including mathematical
derivations and conflicting interpretations, see Strasser et al. (2004), Stirbet and Govindjee
(2011), Kalaji et al. (2014), and Kalaji et al. (2017).156-159
Photosystem II-enriched membrane preparation
Photosystem II-enriched membranes from Spinacia oleracea were prepared as
described previously.160-161
SDS-PAGE electrophoresis and immunoblotting
The effect of Poast on PsbO, the largest extrinsic protein of PSII, was observed by
exposing PSII-enriched membranes of S. oleracea to it or to mineral spirits (for controls) for 5
min. PSII-enriched membranes have been widely used as a model system to test the effects of
various inhibitors and other compounds that directly or indirectly target the many components of
PSII. Following this treatment, PSII-enriched membranes were centrifuged at 3,000 xg for 5 min
and resuspended in K3 buffer (50 mM MES, 35 mM NaCl, 0.3 M sucrose). For electrophoresis,

41

0.60 µg of protein was added to each lane of a 12% SDS-acrylamide gel and run for 1.5 h at 15
mA using a Biorad mini-PROTEAN Tetra cell chamber. Following electrophoresis, the gel was
transferred using wet-transfer onto nitrocellulose at a constant voltage of 100 V for 1 h, followed
by three 5-min washes with 5% nonfat milk buffer.162 The membrane was incubated overnight at
4 °C with a 1:5,000 dilution of polyclonal PsbO antibody (Agrisera, Vännäs, SE) in blocking
buffer. Following incubation, the membrane had three 5-min washes with tris-buffered saline
with Tween (TBS-T) before incubating for 1 h with a 1:2,500 dilution of donkey anti-rabbit
secondary antibody (SouthernBiotech, Birmingham, AL). After three 5-min washes with TBS-T,
the membrane was exposed to enhanced chemiluminescent developer (Fisher Scientific) for 10
min before imaging using a FluorChemE (Cell Biosciences, Heidelberg, Vic., AU). FIJI software
was used for blot image analysis.163
Statistical analysis
Fluorometry data was analyzed through one-way repeated measures analysis of variance
(ANOVA) conducted with SPSS. To correct for possible violations of sphericity the
Greenhouse-Geisser correction was used. When p≤0.05, paired t-tests between the control and
the treated time points were conducted. The Holm-Bonferroni method was used to maintain the
family-wise error rate below 0.05 for each fluorometry parameter.
The remaining data was analyzed through multiple comparisons of means conducted
using Welch’s t-tests. The family-wise error rate for each figure was maintained at 0.05 through
the use of the Holm-Bonferroni method, unless stated otherwise. Due to the conservative nature
of the Holm-Bonferroni method, p values ≤ 0.05 were reported to allow for open interpretation.
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Results
Cultivation of Chlorella vulgaris under herbicide exposure
Comparison of cell growth with and without the addition of the herbicide was carried out
in 50-mL Erlenmeyer flasks. Up until 36 h, the control and herbicide-treated cultures showed
nearly identical growth with no statistical differences, as was expected (Figure 8). This growth

Figure 8. The optical density of algal cultures was measured every 12 h at 750 nm. **
indicates a statistically significant difference between control and herbicide-treated group
means at that specific time point, determined via the Holm-Bonferroni method. * indicates p≤
0.05 between control and herbicide-treated group means at that specific time point but no
statistical significance using the Holm-Bonferroni method. Error bars indicate standard
deviation of the measurement.
pattern matches our previously published results of heteromixotrophic cultures.76 After being
treated at 36 h by mineral spirits (control) and herbicide, the growth curves no longer match. The
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Figure 9. The composition of sethoxydim exposed and control cultures. (A) The algal dry mass
was measured every 12 h beginning at 36 h, with the first measurement taking place prior to mineral
spirits (control) and herbicide-treated dosage. (B) The lipid mass of algal cultures was measured
gravimetrically every 12 h beginning at 36 h, with the first measurement taking place prior to mineral
spirits (control) and herbicide dosage. The algae was exposed to mineral spirits and herbicide
following the 36 h measurement. (C) The intracellular accumulation of carbohydrates was measured
every 12 h beginning at 36 h using the acid-phenol method. The algae was exposed to mineral spirits
(control) and herbicide following the 36 h measurement. (D) Intracellular and extracellular protein
were measured every 12 h beginning at 36 h using the Lowry assay. For A – C, ** indicates a
statistically significant difference between the control and herbicide-treated group means at that
specific time point, determined via the Holm-Bonferroni method. * indicates p≤ 0.05 between control
and herbicide-treated means at that specific time point but no statistical significance using the HolmBonferroni method. For D, * are used to designate statistical significance for the extracellular fraction
while ‡ are used to designate statistical significance for the intracellular fraction. **/‡‡ indicates a
statistically significant difference between control and herbicide-treated group means of the
designated fraction at that specific time point, determined via the Holm-Bonferroni method. */‡
indicates p≤ 0.05 between control and herbicide-treated group means of the designated fraction at that
specific time point but no statistical significance using the Holm-Bonferroni method. Error bars in all
panels indicate standard deviation of the measurement.
control culture continues its exponential growth, slowing down as it approaches stationary phase
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at 72 h. The herbicide-treated culture, however, appears to immediately enter stationary phase
from exponential phase, or some form of stasis, with a 3% drop in optical cell density in the first
12 h of inhibition that remains steady throughout the experiment up to 72 h (36 h postinhibition).
While the changes in optical density and dry mass appear to be the same, detailed
inspection of the herbicide-treated cells reveals that the dry mass decrease is larger in magnitude
than the decrease in optical density (Figure 9 (A)). At 36 h, there is no statistical difference
between the control and the herbicide-treated cultures when measuring dry mass or turbidity.
Continuing to 48 h, the control dry mass increases by 52%, while the herbicide-treated culture
drops by 15%. At 72 h, the control group reaches its maximum mass of 7.64 mg · mL-1, while the
herbicide-treated group ends at 1.58 mg · mL-1, a 23% decrease from the pre-inhibition point.
Therefore, while the control group has a Pearson coefficient denoting linear correlation between
O.D.750 and dry mass as previously reported (R = 0.98467), this correlation is absent in the
herbicide-treated group post-dosage (R = 0.65863), indicating that while cellular content has
decreased, overall cell number has likely remained steady.76 This was confirmed via cell
counting, where herbicide-treated cell numbers stayed constant within error after dosing.
Pigment accumulation and chlorosis
Pigments were extracted and recorded every 12 h. The accumulation of Chl a is of
particular interest as it loosely correlates with photosynthetic activity. Up until 36 h, the control
and herbicide-treated cultures exhibit nearly identical concentration of Chl a (~30 µg · mL-1)
with no statistically significant difference, as expected from the turbidity results (Figure 10).
Following dosage at 36 h, the control group reaches a plateau within 12 h, matching previously
published results that show chlorophyll slowing in accumulation before turbidity enters the final
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Figure 10. Chl a was extracted and measured at 649.1 nm and 665.1 nm every 12 h. **
indicates a statistically significant difference between control and herbicide-treated group
means at that specific time point, determined via the Holm-Bonferroni method. * indicates p≤
0.05 between control and herbicide-treated group means at that specific time point but no
statistical significance using the Holm-Bonferroni method. Error bars indicate standard
deviation of the measurement.
stationary phase.76 The herbicide-treated group, however, experiences dramatic chlorosis in the
first 12 h of inhibition, equating to a 49% drop in Chl a by 48 h. This chlorosis continues until it
reaches 6.0 µg · mL-1, a 79% decrease post-inhibition. Carotenoids and Chl b follow the same
trend, experiencing chlorosis immediately after dosing and remaining near 1 and 2 µg · mL-1 at
72 h, respectively (data not shown).
Cell viability
Cell viability was initially assessed at 12 h post inhibition, at which point all cells were
non-viable (data not shown). To better understand the rate of cell death, cell viability was
assessed 15 min before inhibition, immediately after adding the herbicide formulation, 15 min
46

after inhibition, and 30 min after inhibition. The 15 min pre-inhibition and immediately after
adding the herbicide appear to be consistent and have values within error, with 2.38 x 108 and
2.17 x 108 cells, respectively. These time points showed 100% viability of cells, with no pink
cells detected under 1000x magnification. 15 min later, however, the cells were only 45% viable,
followed by 12% at 30 min post-inhibition. By 1 h post-inhibition, there were no visible viable
cells. In addition, exposing C. vulgaris to 0.08% sethoxoydim in mineral spirits alone showed no
effect as determined by a cell viability assay 30-min post-exposure (data not shown).
Lipid, protein, and carbohydrate analysis of cells exposed to herbicide
To assess the intracellular metabolic changes occurring within the cells after herbicide
exposure, lipid, carbohydrate, and protein accumulations were assessed at 36, 48, and 72 h. The
lipid mass, assessed gravimetrically using the method of Matyash et al. (2008), mirrors the dry
mass and optical density (Figure 9(B)).149 At 36 h, the control and herbicide-treated groups had a
lipid mass of 0.37 and 0.46 mg · mL-1, respectively, equating to approximately 17% of their
cultures’ total mass. As expected, the control cultures continue to accumulate lipids, ending at
1.51 mg/mL, accounting for about 25% of the culture’s total mass. This data fits with previous
study’s early-stationary phase lipid data. The herbicide-treated cultures’ lipid accumulation
follows the trend shown by optical density, in which it decreases by 28% over the first 12 h postdosage and then remains constant until ending with 0.39 mg · mL-1 at 72 h.
The intracellular carbohydrates of the herbicide-treated group show a significant
difference from the control at 48 h and 72 h (Figure 9(C)). At 60 h, the Holm-Bonferroni
analysis shows a lack of statistical significance, although Welch’s t-test produces a p-value of
0.025, indicating significance before the more conservative Holm-Bonferroni correction.
However, unlike the dry mass and O.D.750 data, the intracellular carbohydrates appear to increase
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in concentration until 60 h, after which it remains constant. While it is possible the cells are
metabolizing other biochemical components to form carbohydrates, this seems unlikely. It is
more likely the intracellular carbohydrates are an artifact of a permeable cellular wall and
membrane, as assessed through the cell viability assay.
As the needs of cells change, the expression of their proteome changes as well. This is
experimentally indicated through the changing protein concentration of the control cultures,
which decreases from 36 to 60 h before undergoing a sharp increase at 72 h (Figure 9 (D)). The
herbicide-treated samples follow a similar pattern as the control with an initial 51% drop 12 h
post-inhibition. Simultaneously, the herbicide-treated cultures have an increase in extracellular
protein statistically different from the control, a statistical difference present throughout the
remaining growth cycle. Ultimately, the herbicide-treated cultures end with 0.34 mg of protein ·
mL-1 of culture located extracellularly (Figure 9(D)). When paired with the loss of intracellular
protein, this indicates that 68% of the intracellular protein lost from the herbicide-treated cultures
between 36 and 72 h can be accounted for extracellularly. When normalized to cytosolic
concentration (using cell counts and an average cellular diameter of 5 µm), the intracellular
protein in the herbicide-treated cultures decreases from 73.7 mg/mL intracellular protein to 35.4
mg/mL intracellular protein. During this time, the extracellular protein has an increase of 27.3
mg/mL, showing that 71% of the intracellular protein loss can be accounted for extracellularly
after 12 h of herbicide exposure. At the terminal time point, the intracellular protein decreases to
21.8 mg/mL, while the extracellular increases to 35.2 mg/mL, showing that 68% of the total
protein loss ultimately ends up in the extracellular medium.
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From 36 to 72 h, the herbicide-treated cultures decrease in dry mass by 23% (Figure
9(A)). Using the difference in biochemical components from 36 to 72 h, the largest component
comes from protein loss, making up 59% of the lost dry mass; following protein comes lipids
with 15% and pigments with 6% (Figure 11). This leaves 20% of the dry mass loss unaccounted
for. It would be beneficial for future experiments to use liquid chromatography mass

Figure 11. The compositions of pre and post inhibition cultures. (From left) The preexposure cellular composition, the post-exposure cellular composition, and the percent of dry
mass lost through loss of macromolecules.
spectrometry to determine the change in intracellular metabolites before and after herbicide
exposure.
Photosynthetic capacity measured using in vivo oxygen evolution and chlorophyll
fluorescence induction
In order to establish the photosynthetic changes accompanying herbicide exposure,
oxygen evolution was measured using a Clark-type electrode. Prior to adding the Poast, the algae
produced 241 µmol O2 · (mg Chl a)-1 · h-1 (Figure 12(A)). After adding the Poast, however, this
decreased to 67.8 µmol at the first time point following exposure (5 min and 15 s after exposure,
the quickest time point available due to the necessity of transfer to the chamber and the 5 min
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Figure 12. Photosynthetic measurements of sethoxydim exposed cells. (A) The oxygen production
of algal cultures exposed to herbicide was measured following a 5-min dark adaptation in μmol O2 /
(mg Chl a)· hr. The control was measured 15 min prior to herbicide dosing and the following
measurements were taken immediately after dosage and dark adaptation (t 0), 15 min post-dosage and
dark adaptation (t + 15), and 30 min post-dosage and dark adaptation (t + 30). Error bars indicate
standard deviation of the measurement. (B) The chlorophyll a transient (OJIP curves) of algae exposed
to herbicide, beginning at t 0. The control was measured 15 min prior to herbicide dosing and the
following measurements were taken immediately after dosage and dark adaptation (t 0), 15 min postdosage and dark adaptation (t + 15), and 30 min post-dosage and dark adaptation (t + 30). Transients
are double normalized where Ft = [Ft-F0]/FV. (C) Parameters derived from fluorescence transients,
normalized where control = 1. (D) Immunoblot of enriched PSII particles exposed to mineral spirits
(control) and herbicide for 5 min. Signal shows PsbO, a protective extrinsic protein in the thylakoid
lumen. Lane 1: No treatment, Lane 2-3: Mineral spirit treatment, Lanes 4-5: Poast treatment.
dark adaptation), which lowered again to 31.5 and 13.8 µmol O2 · (mg Chl a)-1 · h-1 at 15 min and
30 min following exposure, respectively. This indicates that oxygen production decreases by
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94.3% in the first 30 min of exposure, demonstrating major damage to the photosynthetic
apparatus. This was also confirmed using PSII-enriched membranes from S. oleracea, although
these stopped all oxygen production at the first time point following exposure, likely because of
the easier accessibility to the disrupted thylakoid membranes. PSII-enriched membranes also
experienced no change in oxygen production when exposed to mineral spirits, analytical grade
sethoxydim suspended in mineral spirits, naphthalene, or 20% (v/v) triton-X, all components
believed to be in the Poast herbicide formulation (data not shown).146
The OJIP fluorescent transient was used to assay the integrity of PSII in vivo. Using this
method, the kinetics of PSII are inferred, specifically the reduction of QA and QB, thus showing
the availability of reaction centers to utilize photons for photochemical processes rather than
thermochemical processes or fluorescence. Using the log-based plot, it is possible to view the
OJIP curve, also known as a Kautsky induction, where the O-step represents F0, or minimal
fluorescence and the point at which all reaction centers are open, and the P-step represents FM, or
maximal fluorescence and the point at which all reaction centers are closed.157 This OJIP curve
in the first time point of the herbicide-treated cultures appears to have a heightened J-step (while
this step is usually 60% of total fluorescence intensity, the curve generated has about 80%
fluorescence intensity at the J-step), which instead likely stems from using an asynchronous
culture grown in constant light (Figure 12(B)). However, since the cells were grown in identical
conditions, the OJIP curve could be used effectively to compare the changes in photosynthetic
activity caused by Poast exposure. Immediately after herbicide exposure (taken at 5.25 min postexposure due to the necessity of transfer and dark adaptation), there is a slight decrease in
intensity of the O-J and J-I phases, indicating a decrease in the maximum photosynthetic
quantum yield. While this intensity increases after 15 min, the curve also breaks from the OJIP
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pattern, with a prominent change near the J-step making it impossible to differentiate the J-I
phase from the transient.
While the relative intensities of the OJIP curves allow visual comparisons of electron flux
over time, Strasser’s JIP test, using the raw data rather than the normalized curves, allows a
better idea of electron flux of the steps in electron transport beginning in PSII and ending in PSI
(Figure 12(C)).164 Fv/FM is the most frequently used parameter and represents the maximum
quantum yield of PSII photochemistry for a dark-adapted state. After herbicide exposure, it
showed a 7% decrease in overall quantum yield, which, although small, was shown to be
statistically significant (F(1.578, 3.516) = 84.15, p = 0.002). Additionally, the Abs/RC, the
absorption flux per reaction center, remains similarly unchanged, but with no statistically
significant difference at any time point. Meanwhile, several parameters show a significant
difference after herbicide exposure, including ET0/RC- showing the electron transport flux
leading to a reduction of electron carriers beyond QA, Ψ0 – indicating the probability that a
trapped exciton is used for electron transport beyond QA, φE0 – revealing the quantum yield of
the electron transport beyond QA, and PIabs –the performance index on an absorption basis, all of
which decreased by over 80% following 30 min of herbicide exposure.
Immunoblot of PsbO following herbicide exposure
The change in the pattern of the OJIP curve could indicate damage to PSII. To gauge the
potential damage occurring at the site of the oxygen evolution complex (OEC), PSII-enriched
membranes of S. oleracea were exposed to the herbicide formulation before probing for the 33
kDa extrinsic protein, PsbO, which functions as a protective barrier around the OEC and is used
as an indicator as to whether or not OEC-depleted PSII has been created (Figure 12(D)).165 After
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5 min of Poast exposure, analysis showed a decrease of 64% of PsbO when compared to the
control.
Discussion
Herbicide exposure compromises the cell wall and membrane
Biochemical changes to C. vulgaris were monitored following the addition of Poast, a
sethoxydim-containing herbicide, to a working concentration of 0.08% (v/v). After 15 min of
exposure, 55% of cells were non-viable, as shown through an erythrosine dye test. This increases
to 88% 30 min after exposure and is accompanied by complete stasis in cell growth monitored
via O.D.750 (Figure 8). Although breaks in the cell wall and membrane are observed after 15 min
(indicated through the pink coloration of the erythrosine cell viability assay), the distinguishable
breakdown of macromolecules takes considerably longer. As a supplemental experiment, the rate
of Chl a chlorosis was monitored following herbicide exposure for 12 h. While the Chl a of these
cultures decreased approximately 43% by the 12 h point, it took 4 h before there was a
distinguishable difference between the control and herbicide-treated samples. Therefore, while
the herbicide was toxic enough to disrupt the cell wall and membrane, it was not able to fully
induce degradation of the light harvesting antennas of PS I and II for several hours. This is likely
occurring via the uncoupling of LHCs from PSI and PSII, but will require measurements from a
77 K fluorometer to confirm.166
The above conclusion is supported by the protein data, which demonstrates that while
there is a decrease in intracellular protein after 12 h, much of this decrease can be accounted for
by the increase in protein found in the extracellular medium, contributing evidence that the cells
are extruding or leaking their contents as a result of cell wall damage rather than completely
degrading their macromolecules (Figure 9(D)). However, the decrease in intracellular protein is
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not accounted for by extracellular proteins; however, when considered in the context of
chlorosis, it suggests intracellular enzymatic degradation may be occurring simultaneously.
These data, in addition to the separation between membrane and cell wall seen via light
microscope, support the existence of programmed cell death occurring, as characterized with
Chlorella saccharophila under heat stress.167 Therefore, while the herbicide treatment causes cell
wall and membrane degradation within 15 min, it is possible that the treatment also initiates
programmed cell death. Further experiments are needed to study the expression of caspase-3 and
confirm the activity of the apoptotic pathway.
Herbicide exposure causes irreparable damage to photosynthetic machinery
Photosynthetic activity was monitored via oxygen evolution and the OJIP Chl a
fluorescence. While it took hours to observe a decrease in pigment accumulation, the change in
photosynthetic activity—like the change in cell viability—was more immediate. While the cell
viability test did not show changes until 15 min after dosing, the oxygen production decreased by
72% immediately after exposure (Figure 12(A)). Although the immediate post-exposure point in
oxygen evolution represents 5.25 min post exposure (due to the need for transfer and dark
adaptation), it still shows how quickly damage begins to accumulate in the cell.
Using the Chl a fluorescence transient, we were able to gather information as to the
location of damage within PSII. Since the ABS/RC remains unchanged, meaning the effective
antenna size of the reaction centers are unchanged, it is unlikely that the architecture of the light
harvesting antennas have changed (a smaller antenna would have a smaller absorption capacity
per reaction center, thus causing ABS/RC to decrease).168 While Fv/FM is used to indicate
photosynthetic efficiency, it is more accurately a quantitative assessment of the overall
availability of open reaction centers, as it indicates the yield of the reduction of plastoquinone at
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QA. When combined with information on changes in rates of oxygen evolution, it appears that
the damage to the photosynthetic apparatus is only at the site of the OEC. Additionally,
parameters (ET0/RC, Ψ0, φE0, and PIabs) showing the sharpest decrease are all related to the
transfer of electrons beyond PSII, all of which show a statistically significant difference
beginning at 15 min post-dosage (Figure 12(C)). These decreases, combined with the decrease in
oxygen evolution, suggest that the damage to PSII is at the OEC. This is further supported by the
changing shape of the OJIP transient curve upon exposure to Poast: the near maximum
fluorescence occurring near 1.45 ms, just before where the J-step should be (2 ms), is indicative
of the a delayed J-step. The delayed J-step indicates damage to the OEC as modeled by Lazár et
al (1997).135 Just after the J-step, there is a characteristic dip in fluorescence indicating the
oxidation of the quinone pool on the acceptor side, further indicating damage to the OEC (Figure
12(B)).155, 158, 164, 169 Additionally, there were significant differences in the calculated active OEC
fraction, indicating that the percent active OECs (as compared to the before herbicide dosage
measurement) dramatically decrease by 30 min of herbicide exposure.
The loss of PsbO confirmed via immunoblotting of PSII-enriched membranes following
5 min of herbicide exposure, in addition to the fluorescence data indicating a loss in OEC
function, suggests a component of the herbicide is interfering with the interactions between the
extrinsic and integral protein system. Since PSII is located within the grana stacks of the
thylakoid membranes in the chloroplast, the near immediate decrease in oxygen evolution
suggests the damaging component(s) of the Poast formulation is capable of permeating through
membranes rapidly, making it a potentially catastrophic environmental toxin. However, it does
not appear to be the active ingredient alone doing the damage: when PSII-enriched membranes
of S. oleracea were exposed to sethoxydim suspended in mineral spirits, there was not a
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significant change in oxygen production (control: 79.53 µmol O2 mg chl a-1 hr-1 ± 5.43;
sethoxydim exposed: 69.63 µmol O2 mg chl a-1 hr-1 ± 8.50). In addition, exposure of C. vulgaris
cultures to a 293-µM working concentration sethoxydim (in mineral spirits) resulted in no
change in cell viability at 30 min post-exposure. The same result was observed when the PSIIenriched membranes were exposed to naphthalene (122.34 µmol O2 mg chl a-1 hr-1 ± 23.70) ,
another component in the herbicide indicated on the Poast MSDS (Bonide Products 2011), as
well as a solution of 20% (v/v) Tween 20 (Fisher Scientific; 77.87 µmol O2 mg chl a-1 hr-1 ±
6.09), a polyethylene glycol similar to those used in industrial herbicides.170 Therefore, it appears
as though one of two scenarios is occurring: either there is a combinatory effect between the
chemicals within the herbicide formulation causing it to be more toxic than intended, or one of
the proprietary ingredients within the formulation is the cause of the damage. Without the full list
of chemicals within the formulation, we are unable to identify the damaging agent(s).
The rapid permeability through membranes, combined with the near instant damage to
the photosynthetic apparatus, makes high concentrations of Poast particularly harmful to
unicellular (and possibly multicellular) phototrophs, a non-target organism for this herbicide.
Therefore, if Poast was subjected to runoff or spilled into a waterway, it may cause a great deal
of damage to the phototrophic community, including the ability to prevent the oxygenation of the
waterway, an event that would negatively affect higher-order organisms that rely on phototrophs
for aquatic oxygen.
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CHAPTER 4
CHLORELLA VULGARIS BIOACCUMULATES EXCESS MANGANESE UP TO 55X
UNDER PHOTOMIXOTROPHIC CONDITIONS

A manuscript submitted to Algal Research:
Smythers, A. L.; Perry, N. L.; Kolling, D. R. J*. Chlorella vulgaris bioaccumulates excess
manganese up to 55x under photomixotrophic conditions. Algal Research. Submitted: 24
February 2019. Under review.

Department of Chemistry, Marshall University, 1 John Marshall Drive, Huntington, WV, 25755,
United States

*Corresponding author

Manganese is a transition metal that can accumulate in waterways in concentrations
above natural abundance due to the mining, metallurgy, and agricultural industries. While
manganese is an essential mineral for plants and all other life, excess exposure causes a variety
of health issues for vertebrates and invertebrates—in humans, this includes impotence, decreased
cardiac function, and manganism, a neuropathological condition similar to Parkinson’s disease.
While chemical technologies for manganese removal are abundantly available, the high
solubility of manganese in aqueous solutions causes steep decreases in removal efficiency and
generates hazard waste that can be problematic to store. Chlorella vulgaris, a robust, unicellular
green alga, offers an environmentally friendly alternative to chemical methods with the added
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economic potential of generating value-added products. In this study, C. vulgaris was exposed to
increasing concentrations of manganese and monitored for bioaccumulation and adsorption.
Additionally, cells were monitored for biochemical changes by assaying for terminal
biochemical composition and determining photosynthetic activity throughout the life cycle of the
culture. Evidence suggests that C. vulgaris can bioaccumulate manganese to an intracellular
concentration of 733.3 mM and remove up to 56.74 % of the manganese from highly
concentrated media through both intracellular bioaccumulation and membrane-bound adsorption.
Interestingly, the cultures exposed to high concentrations were able to accumulate manganese up
to 55x the external concentration without experiencing inhibitory effects resulting from metal
toxicity. Furthermore, cultures exposed to increased manganese displayed higher amounts of
protein biosynthesis and an increase in photosynthetic capacities, potentially related to structural
changes in the light harvesting antenna complexes of photosystem II.
Introduction
Manganese is a naturally abundant transition metal with two oxidation states that are
soluble in water, Mn(II) and Mn(VII).171 While not common in its elemental form, it is a
component of over 100 minerals, most notably MnO2, MnCO3, and MnSiO3, and is most
commonly found in its divalent state.172 Manganese accumulates in waterways, ground water,
and surface water in concentrations above natural abundance due to industrial steel production
and manufacturing,173 mining and smelting,174 and agricultural processes, specifically the use of
pesticides.175 While manganese is an essential micronutrient for humans for its role in bone
mineralization, cellular protection, enzymatic processes, and metabolic regulation, excessive
exposure causes manganism, a neuropathological condition similar to Parkinson’s disease.176
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Furthermore, manganese overexposure has been shown to cause impotence,177 changes in cardiac
function,178-179 infant mortality,180-181 and other life threatening diseases.182
There are a variety of chemical methods through which to remove manganese from
aqueous solutions including chemical precipitation,183-189 flotation, 190-192 ion exchange, 184, 193-194
oxidation, 188, 195-196 filtration,184, 195, 197-198 and adsorption,199-202 among others. 171 However, even
the most economic methods are hindered by the high stability of manganese in solution,
requiring large investments to effectively remove, resulting in excessive volumes of hazardous
waste that are difficult and environmentally problematic to store.203 Phytoremediation offers an
alternative solution that is cost-effective, environmentally friendly, solar-driven and, through the
generation of value-added products, economically fortuitous.204-208
Chlorella vulgaris is a unicellular green alga with a rapid growth rate and natural
resistance to harsh conditions including nutrient limitation, excessive or deficient light
availability, and fluctuating temperatures.75, 131, 209-211 Additionally, C. vulgaris has been shown
to accumulate or adsorb a variety of bio-available environmental contaminants, such as
magnesium,212 lead,213 antimony, 214 cadmium,215 uranium,216 and hexachlorobenzene, 217 among
others. However, overexposure to many contaminants, specifically transition and heavy metals,
often led to cell toxicity, inhibiting the potential of long-term phytoremediation efforts. 218
While manganese is toxic in high concentrations to vertebrates, it is a key component of
photosynthesis, as the oxygen-evolving complex of photosystem II (PSII) requires four
manganese ions for catalytic activity.59 In order for efficient photoassembly, the process through
which free inorganic cofactors combine into the semi-cubane structure known as the oxygen
evolution complex, it is necessary to have excess manganese, as spontaneous disassembly and
reassembly occur as a protective mechanism against photoinhibition.219 Therefore, it is likely that
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C. vulgaris¸ whose chloroplast makes up approximately 80% of its internal volume, actively
transports manganese when available to serve as excess stores for its photosynthetic
machinery.75, 220 To determine the ability of C. vulgaris to bioaccumulate manganese and to
ascertain its potential for phytoremediation efforts, batch cultures were exposed to increasing
concentrations of MnCl2 and monitored via inductively-coupled plasma optical emission
spectroscopy (ICP-OES) for both internal and membrane-bound manganese concentrations. To
measure toxicity potential, physiological characterization of growth rate, pigment accumulation,
and terminal biochemical composition were monitored. Additionally, chlorophyll a fluorescence
(OJIP) and oximetry were used to monitor photosynthetic capacity throughout manganese
exposure.
Materials and Methods
Reagents
D-Glucose, erythrosine, the Folin-Ciocalteu reagent, ICP-grade Mn2+, and 70% analytical
grade nitric acid were acquired from Sigma-Aldrich Inc (Dermstadt, DE) and NaOH was
purchased from Columbus Chemical Industries (Columbus, WI). The remaining reagents, unless
otherwise specified, were obtained through Fisher Scientific (Hampton, NH).
Strain and culture growth conditions
Cultures of C. vulgaris (Carolina Biological Supply) were maintained on lysogeny broth
agar plates and for batch cultures, inoculated into 25 mL of modified Chlorella medium
supplemented with 20 g/L dextrose into 50-mL sterile Erlenmeyer flasks capped with aluminum
foil.76 Cultures were grown in quadruplicate, using a 1-mL inoculum from stationary phase
culture and kept under constant white light at 30 µmol photons · m-2 · s-1 at 25 °C at an orbital
rotational speed of 100 rpm.
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Experimental design
Prior to culture inoculation, manganese-deprived modified Chlorella medium was dosed
with an autoclaved stock of MnCl2 and ultrapure water, ensuring that all cultures had equal
concentrations of all other medium components. The control cultures’ media was dosed to
generate a working concentration of 0.07 mM manganese, the standard concentration for
modified Chlorella medium. Experimental cultures’ media were raised to 17.5 mM and 35 mM
manganese, 250 and 500x the control, respectively. Cultures were maintained until 84 h, at
which point they were in stationary phase.
Spectroscopic cell density
Cell density (turbidity) was obtained using a Shimadzu UV-1800 spectrophotometer
(Shimadzu Corp., Kyoto, JP) at 750 nm as previously described.76
Pigment extraction
Pigments were extracted as previously described and measured from 470 to 700 nm.76
Chlorophyll a (Chl a), Chlorophyll b (Chl b), and total carotenoids were calculated using the
following equations:147
[Chl a] = (12.47 x Abs665.1) – (3.62 x Abs649.1)
[Chl b] = (25.06 x Abs649.1) – (6.5 x Abs665.1)
[Carotenoids] = [ (1000 x Abs480) – (1.29 x [Chl a]) – (53.78 x [Chl b]) ] / 220
Inductively coupled plasma optical emission spectroscopy
The intracellular and membrane-bound manganese were determined every 24 h using an
Agilent Technologies 5110 ICP-OES (Santa Clara, CA). To separate the fractions, 250 µL of
cells were pelleted by centrifuging at 13,400 x g for 5 min and removing the supernate. The cells
were washed three times with manganese-deprived modified Chlorella medium, centrifuging
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between each wash. Prior control tests indicated that three washes ensured that all non-bound
manganese was removed before analysis. Following the washes, the cell pellet was resuspended
in a pH 7 phosphate buffer containing 1 mM EDTA and 10 mM NaCl. After thoroughly
vortexing for approximately 30 s, the cells were centrifuged again and the supernate, containing
the membrane-bound manganese, was removed and saved for later analysis.221 The cell pellet,
containing the intracellular manganese fraction, was resuspended in 200 µL of ultrapure H2O
before transferring to 6 mL borosilicate tubes containing 2.86 mL of 70% analytical grade
HNO3. Samples were diluted to 100 mL using an acid-washed volumetric flask and syringe
filtered into sterile 15-mL conical tubes. The supernate was prepared the same as the intracellular
pellet, with the exclusion of adding H2O and without syringe filtering.
Samples were analyzed at a wavelength of 257.61 nm and viewed under radial mode. The
samples had a read time of 10 s. The ICP was set to a nebulizer flow of 0.70 L · min-1, a plasma
flow of 13.0 L · min-1, and an auxiliary flow of 1.00 L · min-1. Each measurement was taken
three times and blanks were measured after every 4 samples. A 9-point standard curve was
prepared daily via serial dilution using ICP-grade manganese standard.
Cell dry weight measurement
Dry mass was measured using 1 mL of cells per filter rather than 0.5 mL as previously
reported.76
Biochemical composition
Terminal lipid, carbohydrate, and protein concentration were assayed as previously
described.27
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Oxygen evolution in vivo
Photosynthetic oxygen production was measured using a Clark-type oxygen electrode
(Hansatech) at 25 °C as previously described.27 Oxygen measurements were conducted by
exposing 1:1 diluted cell suspension in modified Chlorella media to a 1700-µmol photons· m-2 ·
s-1 white light after a 5-min dark adaptation phase. High light intensity was chosen in order to
ensure light saturation of PSII —the initial rate of oxygen production was measured, normalized
to Chl a, and used for comparison across manganese concentrations.
Chlorophyll fluorescence induction in vivo
Photosynthetic electron transfer fluxes were inferred from Chl a fluorescence using a
Photon Systems Instruments FL 3500 fluorometer as previously described.27 The OJIP protocol
included a 1-s actinic illumination using a 630-nm light at an intensity of 2,400 µmole photons
m-2 · s-1. Fluorometry parameters (JIP test) were calculated as outlined by Stirbet, et al. 222
Statistical analysis
Statistical analyses were performed with GraphPad Prism 7.01 (GraphPad Software,
Inc.). Optical density, pigment, and fluorometry data were analyzed through two-way repeated
measures analysis of variance (ANOVA) using a Bonferroni correction to maintain a family-wise
error rate below 0.05. The remaining data were analyzed through multiple comparisons of means
conducted using Welch’s t-tests. The family-wise error rate for each figure was maintained at
0.05 through the use of the Holm-Bonferroni method. Statistical significance is indicated
numerically through increasing asterisks, where * indicates p ≤ 0.05, ** indicates p ≤ 0.01, ***
indicates p ≤ 0.005, and **** indicates p ≤ 0.001. Figures show the means of quadruplicate data
and the error bars denote the standard error of the measurement.
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Results
Cultivation of C. vulgaris in the presence of increased manganese
Cells were inoculated into 50-mL Erlenmeyer flasks containing manganese
concentrations of 0.07 mM (control), 17.5 mM, and 35 mM and optical density and pigment
concentration was monitored every 12 h throughout the growth cycle (Figure 13). While subtle,

Figure 13. The optical density measured at 750 nm of manganese-exposed cultures
taken over time. Error bars represent standard error of the measurement. Asterisks (*)
are used to indicate statistically significant differences between the 35 mM cultures and
the control while the middle dots (·) are used to indicate statistically significant
differences between the 17.5 mM cultures and the control. Further information on
statistical analysis can be found in the materials and methods section.
the 35 mM cultures experience a slightly elongated lag phase, with statistically significant
decreases in optical density compared to the control at 24 and 36 h. However, following the 36 h
measurement, the 35 mM cultures have a higher rate of cell division than the control (measured
through the slope of the line between the 36 and 48 h time points), resulting in a near identical
optical density beginning at 48 h and continuing through stationary phase, with no significant
differences when compared to the control. This extended lag phase was more pronounced with
higher concentrations of manganese, although the terminal optical density still reached that of the
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control cultures (data not shown). The cultures grown in 17.5 mM manganese, (containing 250x
the manganese than that of the control) only had a statistically significant difference in optical
density when compared to the control at hours 60 and 84, showing that the cultures have
superseded the growth of the control cultures once in stationary phase. However, the maximum
difference between the culture sets is only 0.727 AU (at 60 h), representing a mere 5% increase
compared to the control, thus showing that the difference between the two culture sets is
practically negligible. The difference between the 17.5 mM and the 35 mM cultures, however,
are statistically significant at all points except the first and last time point, with a difference of up
to 27% at 36 h. Therefore, while increasing manganese concentration does not appear to have a
toxic effect on the overall growth of the cells, it is important to note that it has a statistically
significant inhibitory effect on growth rate in highly excessive concentrations.
In addition to monitoring the optical density every 12 h, cultures were also assayed for
total pigment concentration as an indicator of metabolic health. While increased manganese
availability did not generate long-term growth inhibition when compared to the control, it
significantly decreased pigment accumulation at every time point beginning at 36 h, with the
exception of the 17.5 mM manganese culture (Figure 14a). However, beginning at 48 h, the 17.5
mM manganese culture also had a significantly decreased pigment accumulation compared to the
control that was maintained throughout the remaining growth cycle. While excess manganese
inhibited accumulation of all pigments, it had a heightened effect on Chl a, resulting in the
increased manganese cultures having a Chl a deficit at all time points (Figure 14b). Unlike the
optical density which showed an increased lag phase but similarity in terminal density, the peak
Chl a concentrations in the 17.5 and 35 mM manganese cultures were 24.8 and 22.9 µg·mL-1,
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b

Figure 14. Pigment accumulation in manganese exposed cultures. (a) The pigment
accumulation of manganese cultures taken over time. Asterisks (*) indicate statistical
significance with the control, where * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤
0.001, and **** indicates p ≤ 0.0001. (b) The chl a concentration of manganese-exposed
cultures taken over time. Error bars represent standard error of the measurement. Asterisks (*)
are used to indicate statistically significant differences between the 35 mM cultures and the
control while the middle dots (·) are used to indicate statistically significant differences between
the 17.5 mM cultures and the control. Further information on statistical analysis can be found in
the materials and methods section.
respectively, an 11 and 18% decrease when compared to the 0.07-mM-manganese culture peak
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Chl a of 28.09 µg·mL-1.
Intracellular and membrane-bound manganese accumulation
To determine the capacity of C. vulgaris to bioaccumulate manganese, the intracellular
and membrane-bound manganese concentration was assayed using ICP-OES every 24 h
beginning 12 h after inoculation (Figure 15). The intracellular concentration was then converted

Figure 15. The concentration of intracellular and membrane bound manganese assayed via
ICP-OES over time. Error bars represent the standard error of the measurement. Asterisks (*)
indicate statistically significant differences of the intracellular manganese with that of the control,
while the middle dots (·) are used to indicate statistically significant differences of the membranebound manganese with that of the control.

to molarity using a previously determined average cell diameter of 5 µm (the average found
using confocal microscopy) and a correlation curve between optical density and cell number
(Table 3). At 12 h, the control cultures had an intracellular manganese concentration of 1.425 ±
0.1739 µg · mL-1 , or 24.57 mM, while the 17.5 mM cultures had accumulated 6.931 ± 2.680 µg
· mL-1 and the 35 mM cultures had accumulated 5.800 ± 4.413 µg · mL-1, a molarity of 106.4 and
95.04 mM, respectively. All cultures reached their maximum intracellular concentrations 24 h
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Table 3. The intracellular and adsorbed manganese per cell in molarity and pg/cell. The cell
number was determined using a correlation curve between cell number and turbidity while the
molarity was determined using a previously determined average cell diameter of 5 µm. All
numbers represent the mean of four replicates.

later, when the control culture had an internal manganese concentration of 2.646 mM and the
17.5 and 35 mM cultures had internal concentrations of 495.0 and 733.3 mM, respectively. The
membrane-bound manganese follows a similar trend, with the 0.07 mM and 17.5 mM cultures
staying within error of the membrane-bound accumulation at 36 h. Following 36 h, the cells
increase in number while the total biomass associated accumulation stays within error of the
peak mean, resulting in an overall drop in intracellular molarity. However, for all cultures
(including the control), the internal molarity greatly exceeds that of the surrounding media,
demonstrating a natural bioaccumulation of manganese in excess of equilibrium.

68

Terminal biochemical composition of manganese-exposed cell cultures
Macromolecule composition sheds light on overarching metabolic changes. For this
reason, dry mass, proteins, lipids, and carbohydrates were all quantified at 84 h, the terminal

Figure 16. The terminal dry mass (a), protein content (b), lipid mass (c), and carbohydrate
content (d) of manganese exposed cells. Error bars represent the standard error of the
measurement. Unless indicated, asterisks (*) indicate statistical significance from the control
cultures. Further information on statistical analysis can be found in the materials and methods
section.
point, in order to gauge the metabolic health of the cultures following manganese exposure. The
difference in overall dry mass between the control and experimental cultures was significant for
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both manganese concentrations, with terminal dry mass concentrations of 5.59, 7.21, and 7.23
mg · mL-1 for the 0.07, 17.5, and 35 mM cultures, respectively (Figure 16a). However, only the
terminal protein concentration showed a statistically significant difference in both cultures when
compared to the control, with p ≤ 0.001 when comparing both the 17.5 mM and 35 mM
manganese cultures (Figure 16b). The 17.5 mM and 35 mM culture had 1.39 and 2.22 mg · mL-1
protein at the terminal point, respectively, showing a 39 and 62% increase over the 0.84 mg ·
mL-1 measured from the control culture.
The 0.07, 17.5, and 35 mM cultures accumulated lipids with terminal concentrations of
1.45, 1.75, and 1.42 mg · mL-1, respectively, consisting of 25.9, 24.3, and 19.6% of their total
dry mass (Figure 17). While the lipid concentration was statistically significant when comparing

Figure 17. The macromolecule concentrations normalized to dry mass for the manganeseexposed cultures assayed at 84 h, the terminal point of growth.
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the 17.5 mM manganese culture to the control (p ≤ 0.01) and the 17.5 mM manganese culture to
the 35 mM manganese culture (p ≤ 0.05), there was not a significant difference between the
highest manganese exposure and the control (Figure 16c). Additionally, the carbohydrate
concentration did not show a significant difference when comparing the high manganese cultures
with the control or the high manganese cultures to each other (Figure 16d).
Photosynthetic efficiency of manganese exposed cultures
Cells were monitored every 12 h beginning at 24 h post-inoculation for photosynthetic
efficiency using oximetry and the Chl a polyphasic fluorescent transient. The higher manganese

Figure 18. The oxygen production of manganese-exposed cultures taken over time.
Error bars represent the standard error of the measurement. Asterisks (*) indicate the
statistical significance as compared to the control group. Further information on statistical
analysis can be found in the materials and methods section.
cultures experienced a higher rate of oxygen production from 36 through 60 h post-inoculation,
with a statistically significant difference found at both 36 and 48 h, during which the cultures
were in exponential phase (Figure 18). The most significant difference is observed at 36 h,
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during which time the cells are in mid-exponential growth phase and the 17.5 mM and 35 mM
manganese cultures produce 34 and 54% more oxygen, respectively. As the oxygen production is
normalized to the concentration of Chl a and both the 17.5 mM and 35 mM cultures have
significantly less chlorophyll than the control, it is possible that the active reaction centers are
using photons more efficiently in cells exposed to high levels of manganese.
In order to gather more evidence as to the efficiency of photosynthesis, the Chl a
polyphasic fluorescent transient was collected and analyzed every 12 h beginning at 24 h postinoculation. Once normalized to the control = 1, it is possible to visualize the difference in

Figure 19. Spiderweb plots of JIP test parameters derived over time using the Chl a
fluorescent transient, normalized where the 0.07 mM culture = 1. Green lines
represent the 0.07 mM manganese cultures, blue lines represent the 17.5 mM manganese
cultures, and yellow lines represent the 35 mM manganese cultures.
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Table 4. The JIP test parameters calculated using the polyphasic Chl a fluorescent
transient. Grey fill indicates a statistically significant difference from the control
cultures.
derived parameters using spiderweb plots (Figure 19). While the normalized values between 0.07
mM manganese and 17.5 mM manganese show few differences, the 35 mM cultures have
substantial changes throughout the growth cycle. Most noteworthy is the increase in the
performance index per reaction center (PIabs), which is significantly higher at hours 36 – 60, and
significantly lower at hour 72 (Table 4). This is paired with an overall decrease in absorption per
reaction center (Abs/RC), indicating that it is likely the effective antenna size of the reaction
centers have decreased in higher manganese cultures as smaller antennas result in a smaller
absorption capacity per reaction center.168 Although the PIabs and Abs/RC of the 35 mM culture
is significantly larger during exponential phase, an increase in Fv/Fm, a measure of
photosynthetic efficiency through a quantitative assessment of the overall availability of open
reaction centers, occurs in early stationary phase, indicating that C. vulgaris experiences a
lengthened peak photosynthetic capacity under increased manganese. This was shown to a larger
extent when the alga was exposed to manganese concentrations beyond 35 mM (data not shown).
Additionally, M0 (rate of primary photochemistry at QA) and TR0/RC (trapped energy flux per
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reaction centers at t = 0) show significant increases in exponential phase, further demonstrating
an overall increased photosynthetic capacity.
Discussion
C. vulgaris actively accumulates manganese in excess of equilibrium
Large concentrations of manganese adsorbed to the surface of C. vulgaris cells in highmanganese cultures beginning 12 h after inoculation. Soon after, the cells began intracellularly
accumulating manganese, and by 36 h post-inoculation, cells reached their peak, containing
495.0 and 733.3 mM manganese for the 17.5 and 35 mM cultures, respectively. These
intracellular concentrations of manganese are significantly higher than the manganese
concentrations found in the surrounding media, suggesting that either manganese is actively
transported across the cell wall and membrane or that manganese is stored in cellular
compartments, decreasing the effective intracellular concentration and allowing for passive
transport. The intracellular accumulation also greatly exceeds that of the membrane bound
manganese for all time points except for 12 h post-inoculation. This is likely due to a phenomena
in which there are two distinct stages in algal metal uptake: a quick initial adsorption followed by
intracellular accumulation over time.212 While the mass of biomass-associated manganese
remains virtually unchanged after the first 36 h of the growth cycle (Figure 15), the intracellular
molarity of the cells begins to decrease, demonstrating that the cells do not continue to actively
accumulate manganese while they finish their exponential rate of cell division (Table 3).
From these observations, it can be inferred that the cells actively regulate the uptake and
storage of manganese. The data show that cells in lag and early exponential phase adsorb the
manganese and actively increase the intracellular concentration beyond equilibrium while those
in late exponential and stationary phase no longer continue increasing their overall manganese
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accumulation. Based on previous work, it is possible that this is linked to nutrient availability: as
the cells deplete their dextrose stores in late exponential phase, they have less excess energy
stores to use for active transport across the membrane.76 Additionally, when nutrients are in short
supply, the cells are more likely to switch from protein biosynthesis pathways, many of which
require metal cofactors, to lipid biosynthesis pathways, meaning the excess metals would no
longer serve an immediate biochemical purpose. Another potential reason for the decrease in
manganese bioaccumulation is due to the decrease in photosynthetic activity (Figure 18).
Photosynthesis, which requires manganese for the water oxidation complex, reaches peak
productivity in early exponential phase before decreasing steadily over the remaining life cycle
as shown through both the oxygen production as well as the Chl a fluorescent transient (Table 4).
When paired with the manganese accumulation data, it is possible that the rate of photosynthesis
mediates the uptake of metals and metal storage. Further experiments should expose
heterotrophic cell cultures to increased manganese to determine the extent photosynthesis has on
mediating metal uptake.
Phytoremediation efforts require that the algae are capable of accumulating intracellular
concentrations of contaminants in excess of equilibrium, which all cultures, including the
control, achieve successfully. The 17.5 mM cultures were able to remove the maximum percent
of manganese from the surrounding cultures, removing 56.74 % at 60 h post-inoculation. Even
the control cultures were able to remove up to 47.54 % of the manganese in the surrounding
media, showing how C. vulgaris can be used to remove manganese at both high and low
concentrations. However, like all systems, C. vulgaris is limited: in experiments with manganese
increased beyond 35 mM, the cells did not accumulate any excess above that of the 35 mM
cultures. That being said, the quick rate of accumulation would allow for a fast harvesting time

75

of manganese-accumulated cultures, increasing the feasibility of using C. vulgaris for the
remediation of manganese-contaminated waterways.
Excess manganese does not significantly inhibit metabolic pathways
Other studies have established inhibitory effects on C. vulgaris caused by metal toxicity
for a variety of metals, including cadmium, lead, copper, zinc, and chromium.218, 223 The
inhibitory effects included decreased growth, decreased pigment accumulation, decreased protein
content, and decreased photosynthetic efficiency – all at concentrations in the micromolar range.
However, while high manganese concentrations did lead to significant decreases in overall
pigment accumulation, it had a limited effect on cell growth and biochemical composition, with
high manganese cultures increasing their protein content beyond that of the control (Figure 16b).
Similarly, high manganese cultures had an increased photosynthetic capacity, producing more
oxygen when normalized to Chl a and showing increases in several derived parameters from
chlorophyll fluorescence (Figures 18 & 19). While manganese exposure did somewhat increase
the lag phase in the 35 mM cultures, this was not enough to significantly inhibit cell growth; in
fact, statistical analysis using a linear regression model could detect no differences in rate
between the three growth curves (p = 0.982) (Figure 13). These physiological characterizations,
paired with erythrosine cell viability tests that indicated no decreases in cell viability caused by
high manganese (data not shown), confirm increased manganese exposure does not have a
significant inhibitory effect on C. vulgaris.
Most interesting was the increase in photosynthetic capacity, which was linearly
increased at manganese concentrations beyond 35 mM (data not shown). While the increased
oxygen production suggests an upregulation in linear electron transfer (Figure 18), the derived
fluorescence parameters suggest that the phenomenon may be more complex (Figure 19). If the
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increased oxygen production was related to an upregulation in PSII activity and linear electron
transport, it would be expected that both Chl a and Fv/Fm, the quantum efficiency parameter most
specifically linked to PSII function, would increase. However, high manganese cultures
accumulated significantly less Chl a (Figure 14b) and the 35 mM cultures only have statistically
higher Fv/Fm values at 24 and 60 h post-inoculation. While the 17.5 mM manganese cultures
have significantly higher rates of oxygen production at 36 and 48 h, the derived electron flux
parameters are not significant at any time point when assayed through the JIP test (Table 4). The
largest changes are seen in specific fluxes, including both Abs/RC and TR0/RC, the absorption
per reaction center and trapped energy flux per reaction center at t = 0, respectively, both of
which are significantly decreased in 35 mM manganese cultures. Simultaneously, the 35 mM
cultures experience an increase in PIabs, the performance index of photosynthetic electron
transfer on an absorbed photon basis, demonstrating an increased efficiency of photon use. This
suggests that there are structural changes taking place, wherein the light harvesting antenna
complexes are absorbing fewer photons, potentially leading to increasing photosynthetic
efficiency due to a decrease in nonphotochemical quenching pathways. As excess manganese is
also required for photoassembly following the turnover of PSII D1 dimers due to
photoinhibition, it is possible that increased concentrations of the ion enable a faster rate of
photorepair, increasing the relative amount of active (reducing) reaction centers in high
manganese cultures.219, 224 Thus increased photosynthetic production under elevated manganese
may potentially be both an artifact of changing PSII heterogeneity by structural differences in
light harvesting antenna complexes (such as differences in the ratios of PSIIα to PSIIβ), as well
as changes in the relative amounts of available reducing reaction centers. This is further
suggested by the statistically significant decreases in M0 (the rate of primary photochemistry at
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QA) at 24, 36, and 48 h, as smaller values would occur if more reaction centers were capable of
reduction, as an increase in active QA sites would decrease the rate in which they are filled with
plastoquinone, thus decreasing the rate at which the polyphasic fluorescent transient reaches the J
step (Table 4). Further studies on PSII heterogeneity in high manganese exposed cultures are
ongoing.
Conclusions
Manganese is a bioavailable water contaminant resulting from industrial processes
including mining, metallurgy, and agricultural industries. Due to its high solubility in water,
chemical methods of remediation are limited, with even the most efficient methods requiring an
influx of materials and generating large amounts of environmentally problematic waste. C.
vulgaris, a robust green alga, offers an environmentally friendly alternative to traditional
chemical remediation strategies, as it is able to bioaccumulate manganese in intracellular
concentrations in excess of equilibrium without metal toxicity or inhibitory effects. In fact,
excess manganese improved the biochemical productivity of the alga, with increased protein
production and an enhanced photosynthetic capacity over the cell’s life cycle. Additionally,
manganese was accumulated to a maximum concentration at only 36 h post-inoculation, making
C. vulgaris a quick and efficient alternative to other remediation technologies. While more
studies are required to determine the dependence of bioaccumulation on light availability and
through it, photosynthetic function, the data suggests that C. vulgaris can be effectively used for
phytoremediation of waterways up to 35 mM manganese.
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CHAPTER 5
GLYCEROL METABOLISM IN BATCH-FED MIXOTROPHIC CHLORELLA
VULGARIS
Introduction
The time has never been more appropriate, or more urgent, to invest in carbon neutral
renewable energy sources. Of the 28% of total U.S. energy used for the transportation industry,
92% is petroleum based, making the transportation industry an easy target for biofuel
replacements that can lead to rapid decreases in overall fossil fuel use.225 Specifically, this
replacement can be achieved using microalgae, aquatic microbial oxygenic photoautotrophs with
the ability to grow in adverse environments using a variety of water sources, making them a
promising source of energy that will not compete with agricultural resources.69
Based on current theoretical yields, it is estimated that microalgae can be up to 20x more
productive per unit area than the most productive agricultural crops.70 In order to realistically
produce fuel on an industrial scale, microalgal lipid production must be increased. If this is
accomplished, microalgae with 70% oil by biomass could satisfy 50% of the United States’
transport fuel needs while using less than 2% of the existing cropping area used for fuel
production.47
Chlorella vulgaris is a unicellular green alga with a high division rate, multiplying via
autosporulation fourfold per day in optimal conditions.75 This growth rate paired with an average
42% dry weight lipid content under nitrogen deprivation makes C. vulgaris a promising
biofeedstock for large-scale biofuel production.70 While C. vulgaris grows photoautotrophically,
mixotrophically, and heterotrophically, research has linked the growth and lipid production rate
of C. vulgaris with the availability of an exogenous carbon source and a light source, showing
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how photosynthetic light reactions, while not explicitly linked to lipid metabolism, are an
integral biochemical process for increased lipid productivity.76 However, nitrogen deprivation,
the most promising and well-researched method of increasing algal lipid production, has the
potential to inhibit this activity, as it has been shown in Chlamydomonas reinhardtii, another
chlorophyte, to decrease electron flux through the electron transport chain.226 Therefore, to
realistically increase algal biofuel feasibility, an approach needs to be found that increases lipid
production without drastic decreases in photosynthetic capacity.
Attempts have been made to increase lipid production of C. vulgaris using a variety of
carbon sources, including glucose102, 115, xylose122, sucrose110, acetate109, 113-114, sodium
bicarbonate109, 227-229, and glycerol117-118, among others. The highest rate of lipid productivity has
occurred using mixotrophic cultures supplemented with glucose, as previously reported.76
However, the increase in lipid productivity does not necessarily correlate with an increase in
triacylglycerols (TAGs), the most energy dense and therefore most desired lipid for biofuel
production.230
To generate biodiesel, TAGs are transesterified to generate fatty acid methyl esters
(FAMEs) and a glycerol byproduct.231 It is estimated that biodiesel production will generate
about 10% (w/w) glycerol, meaning that every gallon of biodiesel produces approximately 1.05
pounds (about 476 g) of crude glycerol.232 If glycerol could be reused to generate more efficient
algal feedstocks, the process would be less wasteful and more economically efficient. In fact,
research has shown that adding glycerol in stationary phase after initially supplementing with
glucose yields higher lipid production than either glucose or glycerol alone.119 However, this
study was completed using heterotrophic cultures, thus decreasing the overall potential for algal
lipid production.
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In this study, a two-stage batch fed system of glucose and glycerol was combined with
the presence of constant light in order to generate a more productive biofuel feedstock. Glycerol
uptake and lipid yield was monitored over time to find optimal harvesting time and glycerol
dosage. Additionally, isotopically labeled glycerol was used to confirm that exogenously applied
glycerol was incorporated directly into the TAG backbone. Results indicate that a two-stage
mixotrophic carbon-supplemented culture has the potential to generate a more efficient algal
culture for use in biofuels.
Materials and Methods
Reagents
D-Glucose was acquired from Sigma-Aldrich Inc. (Dermstadt, DE). The remaining
reagents, unless otherwise specified, were obtained through Fisher Scientific (Hampton, NH).
Strain and Culture Growth Conditions
Batch cultures of Chlorella vulgaris were maintained on lysogeny broth agar plates and
inoculated into 25 mL of modified Chlorella medium supplemented with 20 g/L of dextrose into
50-mL sterile Erlenmeyer flasks top capped with aluminum foil.76,27 Cultures were grown in
quadruplicate, using a 1-mL inoculum from a stationary phase culture and kept under constant
white light conditions of 30 µmol photons · m-2 · s-1 at 25 °C at an orbital rotational speed of 100
rpm. For glycerol acclimation experiments, the glycerol addition was divided equally between
three doses, given at 24, 48, and 72 h of growth. For the remaining glycerol experiments,
glycerol-dosed cultures were dosed at 72 h of growth. All cells were grown to 144 h before
harvesting for lipid analysis.
For 2-13C glycerol experiments, cells were inoculated into 12 mL of modified Chlorella
medium into 25 mL sterile Erlenmeyer flasks top capped with aluminum foil. Cells were dosed
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with 20 g · L-1 2-13C glycerol (Omicron Biochemicals, Inc., South Bend, IN) at 72 h and
harvested at 144 h.
Spectroscopic Cell Density
Cell density (turbidity) was obtained using a Shimadzu UV-1800 spectrophotometer
(Shimadzu Corp., Kyoto, JP) at 750 nm as previously described.76,27
Cell Dry Weight Measurement
Dry mass was measured as previously reported by Smythers et al. (2019).27
Lipid Extraction and Lipid Dry Weight Analysis
Lipid extractions were performed as previously described using a modified methyl tertbutyl ether (MTBE) extraction similar to the method published by Matyash et al. (2008).149 Two
1-mL samples were pelleted and the supernate discarded. Cell pellets were lysed with 1 mL of
methanol and incubated in a 9-mL tube with 6 mL of methyl tert-butyl ether for 1 h before
adding 1.5 mL of ultrapure H2O and incubating for another 15 min. Suspensions were
centrifuged for 15 min at 10,000 xg and the organic layer was removed by a Pasteur pipette into
a pre-weighed 4-cm tube and dried under constant airflow. The extraction was done twice to
ensure complete recovery of lipid mass. Tubes were weighed on a Secura 125-1S analytical
balance (Sartorius, Göttingen, DE).
Biochemical composition
Terminal carbohydrate and protein concentration were assayed as previously described 27.
Oxygen evolution in vivo
Photosynthetic oxygen production was measured using a Clark-type oxygen electrode
(Hansatech) at 25 °C as previously described 27. Oxygen measurements were conducted by
exposing 1:1 diluted cell suspension in modified Chlorella media to a 1700-µmol photons· m-2 ·
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s-1 white light after a 5-min dark adaptation phase. High light intensity was chosen in order to
ensure light saturation of PSII —the initial rate of oxygen production was measured, normalized
to Chl a, and used for comparison across culture conditions.
Chlorophyll fluorescence induction in vivo
Photosynthetic electron transfer fluxes were inferred from Chl a fluorescence using a
Photon Systems Instruments FL 3500 fluorometer as previously described 27. The OJIP protocol
included a 1-s actinic illumination using a 630-nm light at an intensity of 2,400 µmole photons
m-2 · s-1. Fluorometry parameters (JIP test) were calculated as outlined by Stirbet, et al. 222.
Solid phase extraction
Solid phase extraction (SPE) was conducted using amino-propyl columns conditioned
with 600 µL 7:1 acetone:H2O and 2 mL hexane. Dried lipid extractions were suspended in 200
µL 100:3:0.3 hexane:MTBE:acetic acid and allowed to gravimetrically penetrate the column
before being washed with 3 mL 100:3:0.3 hexane:MTBE:acetic acid. Sterols were eluted using 5
mL hexane before eluting triacylglycerols using 6 mL of 100:5:5 hexane:chloroform:ethyl
acetate. Mono- and di-acylglycerols were eluted using 5 mL of 2:1 chloroform:isopropanol and
free fatty acids were eluted using 6 mL 100:2:2 chloroform:methanol:acetic acid. Charged lipids
were eluted using 6 mL of 10:5:4 methanol:chloroform:H2O, after which 1 mL of chloroform
and 2 mL H2O were added to the eluent and shaken before using a Pasteur pipette to remove the
bottom layer for analysis. All eluents were dried completely under vacuum until GC-MS
preparation for analysis.233
Transesterification and methylation
Dried SPE elutions were suspended in 500 µL anhydrous diethyl ether before adding 10
µL methyl acetate and vortexing for 10 s. Following vortexing, 0.5 M anhydrous sodium
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methoxide was added and the reaction was vortexed for another 10 s before incubating at RT for
5 min. After incubation, 15 µL of saturated oxalic acid in anhydrous diethyl ether was added and
briefly vortexed before centrifuging at 1,500 xg for 2 min and drying under N2.234
Gas-chromotography mass spectrometry
For SPE elutions, dried eluents were resuspended in 100 µL of 2:1 acetic anhydride:
pyridine reagent and incubated at RT for 15 min. The samples were then dried under nitrogen
and resuspended in ethyl acetate for GC-MS analysis. The suspended sample was transferred to a
GC sample vial and injected onto a 5% diphenyl column with a diameter of 0.25 µm and length
of 15 m (Restek; State College, PA). The GC was carried out at constant, splitless flow of helium
at 2.0 mL per min. The inlet was set at 75 °C and the MS was set at 220 °C. The oven began at
75 °C and was ramped at 45 °C · min-1 until 160 °C, where it was held for 1 min. The oven was
then ramped at 4 °C · min-1 until it reached 171 °C, after which it was ramped again at 45 °C ·
min-1 until it reached the terminal temperature of 220 °C. The MS began scanning at 1.5 min
with a dwell time of 0.5 s for ions between 20 – 100 amu.235
For monitoring of exogenous glycerol uptake, 1 mL of culture was centrifuged at 13,000
xg for 5 min and 10 µL of the resulting supernatant was combined with 130 µL of BSTFA:
pyridine reagent and heated at 90 °C for 15 min. The samples were then transferred to a GC
sample vial and injected onto a 5% diphenyl column GC column. Helium flow was maintained at
1 mL · min-1 with a split ratio of 50:1. The inlet and MS were both set at 260 °C. The oven began
at 100 °C and held for 1 min before ramping at 4 °C min-1 to 240 °C and holding for 15 min.236
Samples were quantified using a 5-point standard curve.
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Statistical analysis
The remaining data was analyzed through multiple comparisons of means conducted
using Welch’s t-tests. The family-wise error rate for each figure was maintained at 0.05 through
the use of the Holm-Bonferroni method, unless stated otherwise. Statistical significance is
indicated numerically through increasing asterisks, where * indicates p ≤ 0.05, ** indicates p ≤
0.01, *** indicates p ≤ 0.005, and **** indicates p ≤ 0.001. Figures show the means of
quadruplicate data and the error bars denote the standard error of the measurement.
Results
Cell growth for glycerol acclimation protocol
Previous publications have shown increases in TAG production in C. vulgaris through
the application of exogenous glycerol up to 10 g · L-1.89, 117, 119, 237 However, these approaches
applied the glycerol in a single dose, either upon inoculation or in stationary phase, subjecting
the cells to large amounts of osmotic pressure. Since Chlamydomonas reinhardtii, a genetically
more complex green algae with many homologous proteins to C. vulgaris, uses the glycerol
transporter MIP1 to transport glycerol across the cell membrane, it was hypothesized that C.
vulgaris could use exogenous glycerol more effectively if these transport proteins were
upregulated, as it would relieve some of the osmotic pressure.238 In order to achieve costeffective upregulation, the cells were grown mixotrophically with 20 g · L-1 dextrose and the
glycerol dose was divided into three equal increments applied at 24, 48, and 72 h postinoculation. However, this caused a significant decrease in cell density paired with a significant
decrease in overall lipid yield (Figure 20 (a)). Following the genomic sequencing of C. vulgaris
in 2018, it was concluded that C. vulgaris does not possess the glycerol transporters found in C.
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reinhardtii, thus requiring another approach for increasing lipid accumulation through glycerol
supplementation.56
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Figure 20. Cell growth under glycerol dosing. (a)The optical density of cells dosed with
glycerol at 24, 48, and 72 h, to a total concentration of 0, 25, and 50 g/L glycerol. ****
indicates p ≤ 0.001 for both 25 g/L and 50 g/L glycerol when compared to the control. (b) The
lipid mass of cultures undergoing the glycerol acclimation protocol taken at 120 and 240 h.
**** indicates p ≤ 0.001 when compared to the control.
Cell growth and lipid production following glycerol addition in stationary phase
To maintain cell density while subsequently increasing lipid yield and TAG
accumulation, the cultures were dosed in stationary phase after being grown mixotrophically for
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72 h. This two-stage fed batch system is similar to studies in the literature, with the added caveat
of being conducted in constant light conditions, thus allowing the photosynthetic light reactions
that previous research has linked to increases in lipid production to run continuously.76, 119 After
applying the glycerol, the cultures experienced a stagnation in cell density proportional to the
concentration of added glycerol, with the control cultures continuing to experience a low rate of
turbidity increase and the cultures with the highest concentration of glycerol experiencing no
growth through the terminal point (Figure 21). This was reflected in the dry mass data as well,
with the 10, 20, and 40 g · L-1 cultures increasing from 72 to 168 h by 23, 14, and 8%,
respectively, while the control culture’s dry mass increased by 26% in the same time frame
(Figure 22). At the terminal point, this was reflected in significant differences between the
control and glycerol-dosed cultures, with the 10, 20, and 40 g · L-1 cultures having a dry mass of
7, 22, and 26% less than that of the control, respectively.
Unlike the lipid results seen after the acclimation glycerol protocol, all cultures increased
in lipid concentration over time (Figure 23). However, while the control cultures increased the
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Figure 21. The optical density of cells dosed with glycerol at stationary phase.
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Figure 23. The lipid mass of cells dosed with glycerol in stationary phase. * indicates p ≤ 0.05,
** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and **** indicates p ≤ 0.001.
rate of lipid production as time increased, finishing the growth curve with a rate of 0.640 mg · d1

, the glycerol-exposed cultures reached their highest rate of production after 120 h, with 0.403,

0.357, and 0.467 mg · d-1 for 10, 20, and 40 g · L-1 cultures, respectively. This correlates to
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increases of 95, 85, and 119% of their lipid accumulation at 72 h of growth, with the control
increasing by 91% of their initial lipid accumulation, and small increases in lipids of the 10 and
40 g · L-1 cultures when compared to the control. At 168 h, however, the glycerol-dosed cultures
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Figure 24. The lipid percent (m/m) of glycerol-dosed cultures taken over time. *
indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and **** indicates p ≤
0.001.
had a significantly less terminal lipid yield than the control cultures, indicating that the cells
could not sustain the initial increase in lipid production long-term. When correlated with the dry
mass, glycerol-dosed cultures did have a larger lipid percent than the control beginning at 120 h,
with increases of 3, 4, and 6% for the 10, 20, and 40 g · L-1 cultures, respectively (Figure 24).
This trend continued at the 16 h time point for the 20 and 40 g · L-1 cultures, each having a lipid
percent of about 42%, 5% higher than that of the control cultures.
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Glycerol consumption by C. vulgaris in stationary phase
In order to assess the glycerol consumption of C. vulgaris following dosing in stationary
phase, cells were pelleted and the resulting supernatant was collected and analyzed for glycerol
content using GC-MS. While decreasing in overall percent of initial glycerol consumed, the
overall amount of glycerol consumed increased with dosage concentration, with the highest dose
tested (63 g · L-1) resulting in a glycerol consumption of approximately 25 g · L-1 (Figure 25).

Figure 25. The glycerol consumed by dosed algae cells as quantified using GC-MS.
Lipid composition following glycerol dosage
To determine if the overall biochemical makeup of lipids had changed in the presence of
glycerol, terminal lipids of 20 g · L-1 cultures and the control culture were fractionated using SPE
and dried down for quantification (Figure 26). While the glycerol-exposed cultures had a 6%
increase in free fatty acids when compared to the control, the TAG fraction only saw a 1.3%
increase with a corresponding 5% decrease in the fraction containing monoacylglycerides
(MAGs) and diacylglycerides (DAGs). The 20 g · L-1 cultures also had a minor decrease in
phospholipids, with 16% of its lipids in the phospholipid fraction compared to 19% in the
control.
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Figure 26. The composition of lipid samples fractionated through SPE.
Incorporation of isotopically labeled glycerol into the TAG backbone
Glycerol is synthesized in algae via an energy intensive pathway, through which
glyceraldehyde-3-phosphate produced from glycolysis is enzymatically converted to glycerol
phosphate, after which it is enzymatically acylated using glycerol 3-phosphate Oacyltransferase.239 By adding glycerol exogenously, it was hypothesized that C. vulgaris would
be able to skip the energy-intensive process of synthesizing glycerol in vivo, shifting the products
of glycolysis toward energy storage via lipid synthesis pathways. The incorporation of glycerol
into the TAG backbone was monitored through the use of isotopically labeled glycerol that was
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applied to stationary cells at a concentration of 20 g · L-1. Following 72 h of exposure, lipids
were extracted and fractionated via SPE and the TAG fraction was then transesterified,
acetylated, and analyzed using a GC-MS (Figure 27).235 In the control sample, the backbone

Figure 27. Mass spectra of glycerol dosed and non-dosed cultures. (Top) The mass spectrum
of the derivatized glycerol samples from the transesterified TAG fraction of the non-dosed algae
cultures. (Bottom) The mass spectrum of the derivatized glycerol samples from the transesterified
TAG fraction of the dosed algae cultures.
containing 103 amu peak has a +1 abundance of 5%, just above the theoretical abundance of 4%
expected in nature. On the 20 g · L-1 glycerol sample, however, the 103 amu peak has a +1
abundance of 30%, 6x larger than that of the control, indicating the presence of more 13C than
that which is found under natural abundances. Since the glycerol was labeled on one carbon only
and glycerol is a 3-carbon molecule, an increased isotopic abundance to 30% could indicate that
a third of the glycerol used for TAG backbone generation was supplied exogenously rather than
being synthesized in vivo.
Photosynthetic capacity measured over time
In order to determine the changes to the photosynthetic apparatus following glycerol
introduction, both oxygen evolution and Chl a fluorescence were monitored every 12 h
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Figure 28. The oxygen production of cells with and without exogenous glycerol measured
over time. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and ****
indicates p ≤ 0.001.
beginning at 72 h, the time at which cultures were dosed with glycerol. Oxygen production, an
indicator of both the health of PSII as well as the reliance on linear (rather than cyclic)
photosynthesis, had a statistically significant decrease at 84 h, 12 h after glycerol introduction, at
which point oxygen production was 34% less in the cultures exposed to glycerol when compared
to the control (Figure 28). For the rest of the growth curve, however, the oxygen evolution of the
glycerol-exposed and control cultures are within error of each other. Since photosystem II (PSII)
is known to degrade during stationary phase of cell cultures, it is likely that the glycerol sped up
this process initially, but not enough to outpace the natural degradation of the photosynthetic
apparatus in vivo.
The OJIP fluorescent transient was also used to assay the integrity of PSII in vivo. This
method allows for the inference of electron flux kinetics within PSII. Using this method, the
kinetics of PSII are inferred, specifically the reduction of QA and QB, thus showing the
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availability of reaction centers to utilize photons for photochemical processes rather than
thermochemical processes or fluorescence. Using the log-based plot, it is possible to view the
OJIP curve, also known as a Kautsky induction, where the O-step represents F0, or minimal
fluorescence and the point at which all reaction centers are open, and the P-step represents FM, or
maximal fluorescence and the point at which all reaction centers are closed.157 Plotting the OJIP
curves of the 20 g · L-1 glycerol cultures over time allows further evidence of decreasing oxygen
evolution: after the normal trace of the OJIP at 72 h, the remaining traces show an elevated OJ
phase when compared to the IP phase, indicating damage to the oxygen evolution complex
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Figure 29. The normalized OJIP curves of glycerol-dosed curves taken over time.
(OEC) and substantiating the oxygen evolution findings (Figure 29).27, 135 Just after the J-step,
there is a characteristic dip in fluorescence indicating the oxidation of the quinone pool on the
acceptor side, further indicating damage to the OEC.155, 158, 164, 169
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Figure 30. Spiderweb plots of JIP-test parameters derived from the Chl a fluorescent transient
over time. Values are normalized to the control value at each time point in order to better visualize
the difference between experimental groups.
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Figure 31. The FV/FM, or photosynthetic efficiency, of cell cultures taken over time. *
indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and **** indicates p ≤ 0.001.
While the relative intensities of the OJIP curves allow visual comparisons of electron flux
over time, Strasser’s JIP test, using the raw data rather than the normalized curves, allows a
better idea of electron flux of the steps in electron transport beginning in PSII and ending in PSI
(Figure 30)164 Fv/FM is the most frequently used parameter and represents the maximum quantum
yield of PSII photochemistry for a dark-adapted state. Monitored over time, the Fv/FM is
significantly higher in the glycerol cultures when compared to the control beginning at 96 h, 24 h
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after glycerol introduction (Figure 31). M0, the slope of the initial OJ phase, also increases
compared to the control, indicating an increase in the speed of the initial reduction of QA (Figure
31). This increase is accompanied by increases in the Abs/RC, or the absorption per reaction
center, an indicator of relative light harvesting antenna size, as well as TR0/RC, the trapped
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Figure 32. The B0, or percent of non-reducing QB centers, taken over time in both
dosed and non-dosed cultures. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates
p ≤ 0.005, and **** indicates p ≤ 0.001.
energy available per reaction center at the initial time point. However, several parameters
decreased in comparison to the control, including the PIabs, the performance index on a per
reaction center basis, as well as the E0 and 0 parameters, the electron flux to PSI and the
probability that electrons reach PSI, respectively.
Using a double-hit method of collecting OJIP fluorescence, wherein the OJIP curve was
collected twice with a 1 s relaxation interval in between, it was possible to ascertain the
differences in percentage of QB non-reducing centers in the control compared to the glycerolexposed cultures. This is calculated through the equation:
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B0 = (FV/FM – FV*/FM*)/FV/FM
where FV/FM is derived from the first pulse and FV*/FM* is derived from the second pulse, before
which the cultures were not dark adapted.240 The glycerol cultures had a significantly higher
percent of active QB reducing centers for the first 36 h after glycerol introduction, after which the
control and glycerol-exposed cultures were within error of each other for the remainder of the
curve (Figure 32).
Discussion
Correlation between glycerol incorporation and TAG production
Based on the lipid yield and dry mass data alone, it does not appear that exogenous
glycerol plays a metabolic role in algal lipid biosynthesis. However, after quantifying the
remaining extracellular glycerol using GC-MS, it was clear that the glycerol was being
incorporated into the cell (Figure 27). Using the 2-13C glycerol, it was determined that glycerol
is, in fact, being directly incorporated into the backbone of TAGs, with a 26% increase in the
abundance of 13C. Interestingly, this did not correlate with a large increase in TAG percent; the
glycerol-dosed samples had a 1% increase in TAGs compared to the control. However, this was
accompanied by a 6% increase in free fatty acids and a 5 and 4% decrease in MAGs/DAGs and
phospholipids, respectively. Previous research has shown that in the presence of environmental
stressors, such as nitrogen deprivation, phospholipids are removed from the cell membrane and
their fatty acids are removed and attached to glycerol for long-term storage as TAGs.241 Every
one mole of phosopholipids generates two moles of fatty acids; thus the 3% decrease in
phospholipids paired with a 6% increase in fatty acids could indicate the removal of fatty acids
from the phospholipid bilayer. Furthermore, while the control lipid composition includes more
MAGs and DAGs than the glycerol dosed cultures, it is unclear if this is due to a flux toward
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TAGs or toward phospholipids, as both lipid species share the acetylated glycerol precursors.
Additionally, while the glycerol is consumed by the cells and is subsequently incorporated into
the membrane, there is still much more free glycerol than there are TAGs (at the most, the cells
produced 3 g · L-1 total lipids—all cultures consumed at least double the glycerol); for this
reason it is possible that the stress from the osmotic pressure is contributing to the changing lipid
metabolism and synthesis. This is also suggested by the decline in rate of lipid production. If the
glycerol was being metabolized, but the lipid synthesis rates remained unchanged, this would
imply that the glycerol synthesis steps of the pathway were not rate limiting; since the lipid rate
decreases sharply despite the influx of additional carbon, it is likely the result of additional stress
rather than the presence of glycerol, specifically. However, if the lipid synthesis pathways have,
in fact, shifted toward TAG synthesis specifically are not decreasing in flux due to stress, it could
be explained by the fact that TAG synthesis is a more energy intensive pathway that takes longer
to complete.
Glycerol treatment has a negative effect on the plastoquinone pool
One of the benefits of using C. vulgaris as a biofuel feedstock is its ability to thrive both
heterotrophically, photoautotrophically, and mixotrophically. However, mixotrophic growth has
shown to result in the most production of lipids, as photoautotrophic cultures have decreased
overall cell mass due to limits in carbon dioxide sequestration and heterotrophic cultures have
limited available reducing equivalents due to the lack of the NADPH and ATP producing
photosynthetic light reactions.76 For this reason, it was hypothesized that glycerol
supplementation in the presence of these light reactions would result in an overall greater flux
toward TAG synthesis than if the glycerol was applied to a heterotrophic culture, as previously
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published. Therefore, to monitor photosynthetic capacity, both the oxygen production and Chl a
fluorescence were monitored over time.
The oxygen production showed a significant decrease after 12 h of glycerol exposure,
after which it remained constantly within error of the control cultures. Since the photosynthetic
electron transfer chain reaches its peak capacity in mid-exponential phase before being
downregulated and degraded as the cells age, it would appear that while the glycerol caused an
initial reduction in PSII activity, this was within the normal magnitude of age-dependent PSII
downregulation, it was just expedited in the cultures by 12 h. This reduction in activity correlates
with several reductions in Chl a fluorescence parameters, including the performance index, the
electron flux out of PSII, and the probability that electrons reach PSI. However, it also correlates
with increases in the rate of reduction of the QA site, FV/FM, and the percent of active QB
reaction centers. These changes suggest that there may be an overall reduction in available
plastoquinones as a reduction in plastoquinone availability would result in a faster rate of
quinone reduction as well as a decreased rate of oxygen production, as PSII would be less active.
Since the plastoquinone pool would be reduced quickly, it could appear as though PSII was more
efficient, as measured through FV/FM, since an increase in flux of the initial QA reduction
would result in a higher FV/FM value; the decreasing performance index, however, which offers
a more holistic view of the activity of the photosynthetic electron transport chain, suggests that
this is not the case.
Glycerol was used for external supplementation in order to directly impact the TAG
synthesis pathway. Inadvertently, however, this could also affect other pathways that utilize
glycerol or glycerol synthesis precursors and intermediates. This overlap could occur at two
different points in metabolic pathways associated with plastoquinone synthesis.242 If the
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additional glycerol has increased the flux of metabolism toward lipid synthesis, this could be
problematic for plastoquinone synthesis as acetyl-CoA, the primary building block of lipid
synthesis, is also the primary building block needed for the synthesis of isopentenyl diphosphate
isomerase, the substrate which is combined with dimethylallyl pyrophosphate to generate geranyl
diphosphate via geranyl diphosphate synthase; this becomes farnesyl diphosphate before adding
another isopentenyl diphosphate isomerase and dimethylallyl pyrophosphate to produce
solanesyl diphosphate, which is used to generate methyl-solanesyl-benzoquinone, the direct
precursor of plastiquinones. Redirecting acetyl-CoA to lipid production could stifle flux through
this pathway, therefore decreasing overall plastoquinone production. Similarly, glyceraldehyde3-phosphate, a precursor to in vivo glycerol synthesis, is combined with pyruvate to generate 1deoxy-D-xylulose-5 phosphate, a precursor to the aforementioned dimethylallul pyrophosphate
needed for plastoquinone synthesis.243 If less glycerol is needed, this would contribute to a
decreased availability of glyceraldehyde-3-phosphate, which could in turn decrease the flux
toward plastoquinone synthesis. Further experiments should be undertaken to extract and
quantify the plastoquinone pool to determine if the implied reduction in availability is real.
Conclusions
The use of exogenous glycerol is a promising method through which to recycle the
primary byproduct of biodiesel production for direct incorporation into the TAG backbone.
However, further optimization is needed to determine the conditions under which it can both
contribute to increasing rates of TAG synthesis while simultaneously taking advantage of the
energy producing light reactions of photosynthesis.
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CHAPTER 6
THE PLASTICITY OF PHOTOSYSTEM II IN CHLORELLA VULGARIS
DEMONSTRATED BY INCREASING CONCENTRATIONS OF MANGANESE
Introduction
Once responsible for the largest extinction event known on earth, oxygenic
photosynthesis now sustains aerobic life through the generation of all atmospheric oxygen,
making it easily the most important and fundamental biological mechanism on earth. For this
reason it is of no surprise that this pathway has since evolved to be highly regulated and specific,
enabling it to survive a variety of environmental stressors from the Archean era to the modern
age.244 Of the most dangerous environmental stressors are those that generate large amounts of
reactive oxygen species (ROS), as the highly tuned electron transport mechanism relies on redox
active metal cofactors to function effectively, including iron in cytochrome complexes b559 and
b6-f, iron-sulfur clusters in photosystem I (PSI) and ferredoxin, copper in plastocyanin, and
manganese in the oxygen-evolving complex (OEC) of photosystem II (PSII).59, 245 When tuned
correctly, these metals generate on average a decreasing reduction potential throughout the
photosynthetic electron chain, with electrons traveling “downhill” after being excited via photons
at P680 in PSII. After transport to PSI, via plastocyanin, the electron is re-energized by another
photon, allowing it to make the remaining reductions downhill again until it reduces ferredoxin
reductase and is used to generate NADPH.
Environmental stressors, however, can disrupt this pathway due to either photoinhibition,
wherein PSII is damaged via a light-dependent disruption resulting in the release of manganese
ions from the OEC, or by the inhibition of PSII damage repair.246-247 These stressors often trigger
the two modes of inhibition synergistically.248-250 The overexposure of the photosynthetic
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apparatus to metals, particularly redox-active transition metals, can result in an influx of
damaging ROS, often caused by interactions with photosystems or their reaction intermediates.
For example, excess Fe(III) can be reduced with O2–●, which is generated along with H2O2 at the
acceptor side of PSI following the transfer of electrons from reduced ferredoxin to O2. After the
reduction of Fe(III) to Fe(II), H2O2 and Fe(II) partake in the Fenton reaction, producing HO● and
HO2●, arguably the most biologically damaging ROS.251 Once these ROS accumulate, they can
have a detrimental effect on the metabolism of the organism, as oxidative damage quickly
spreads to lipids, proteins, and nucleic acids. In unicellular organisms, such as the unicellular
green alga Chlorella vulgaris, this effect can be elevated by the lack of neighbor cells to help
mitigate the oxidative burst as cells are limited by the redox-active enzymes that are present in
that particular moment.252 Heavy metals, including lead, cadmium, arsenic, and copper, among
others, are known to inhibit photosynthesis and plant growth, decrease biosynthesis of pigment
molecules, and decrease electron transport chain (ETC) phosphorylation, causing ETC
dysregulation and dangerous ROS generation. However, ongoing research in the Kolling lab has
shown that high concentrations of manganese enhances photosynthetic capacity rather than
causing intracellular damage. This study seeks to determine the mechanism(s) through which this
enhancement occurs.
Previous photosynthetic studies on manganese exposure (See Chapter 5) utilized oxygen
evolution and chlorophyll a (Chl a) OJIP fluorescence to determine the photosynthetic efficiency
of cells exposed to increasing concentrations of manganese. However, these methods are limited;
although reaction centers are not homogenous and consist of various sub-populations, the
parameters measured show the average of all reaction centers within the sample. While useful for
determining the effect of abiotic stressors, this does not take into account the known
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heterogeneity of both the antennas and reducing sites of PSII. The antennas of PSII are divided
between PSIIα and PSIIβ reaction centers, where PSIIα refers to “super-complex” light
harvesting antennas with large antenna sizes and high degrees of connectivity located into the
thylakoid grana and PSIIβ refers to “core complex” light harvesting antennas with 2-3x smaller
antennas and reduced connectivity located in the stroma-exposed region of the thylakoid.253-254
Simultaneously, PSII reaction centers exist as either QB reducing or QB non-reducing, the latter
of which is incapable of contributing to the reduction of the plastoquinone pool.255 By using a
variety of in vivo florescence measurements on C. vulgaris exposed to increasing concentrations
of manganese, the mechanism of increased photosynthetic output could be better understood.
Materials and Methods
Strain and culture growth conditions
Cultures of C. vulgaris (Carolina Biological Supply) were maintained on lysogeny broth
agar plates and for batch cultures, inoculated into 25 mL of modified Chlorella medium
supplemented with 20 g/L dextrose. All cultures were grown in 50-mL sterile Erlenmeyer flasks
capped with aluminum foil 76. Cultures were grown in triplicate, using a 1-mL inoculum from a
stationary phase culture and kept under constant white light at 30 µmol photons · m-2 · s-1 at 25
°C with an orbital rotational speed of 100 rpm (verified using a tachometer).
Experimental design
Prior to culture inoculation, manganese-deprived modified Chlorella medium was dosed
with an autoclaved stock of MnCl2 and ultrapure water, ensuring that all cultures had equal
concentrations of all other medium components. The control cultures’ media was dosed to
generate a working concentration of 0.070 mM manganese, the standard concentration for
modified Chlorella medium. Experimental cultures’ media were raised from 50x (3.50 mM) to
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1000x (70.0 mM) the control, each concentration produced in triplicate. Cultures were
maintained under constant light and grown until they reached mid-stationary phase, shown
through a spectroscopic cell density of between 8–10 AU.
Spectroscopic cell density
Cell density (turbidity) was obtained using a Shimadzu UV-1800 spectrophotometer
(Shimadzu Corp., Kyoto, JP) at 750 nm as previously described.76
Pigment extraction
Pigments were extracted as previously described and measured from 470 to 700 nm. 76
Chl a, chlorophyll b (Chl b), and total carotenoids were calculated using the following
equations:147
[Chl a] = (12.47 x Abs665.1) – (3.62 x Abs649.1)
[Chl b] = (25.06 x Abs649.1) – (6.5 x Abs665.1)
[Carotenoids] = [ (1000 x Abs480) – (1.29 x [Chl a]) – (53.78 x [Chl b]) ] / 220
Chlorophyll fluorescence induction in vivo
Photosynthetic electron transfer fluxes were inferred from Chl a fluorescence using a
Photon Systems Instruments FL 3500 fluorometer as previously described (Chapter 3).27 To
ensure reproducibility between samples, algal cultures were diluted to 2 µg · mL-1 total pigments
using medium of the same manganese concentration before dark adaptation and subsequent
measurements. The OJIP protocol included a 1-s actinic illumination using a 630-nm light at an
intensity of 2,400 µmol photons m-2 · s-1. Fluorometry parameters (JIP test) were calculated as
outlined by Stirbet, et al. 222
To further increase understanding of the mechanisms at work and to estimate the relative
amount of QB non-reducing centers, the double hit method was used, collecting Chl a
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fluorescence data at two subsequent 1-s pulses. This method generates two OJIP transients that
can be separated and normalized to t = 0.240 While the first pulse was conducted following dark
adaptation, meaning that all the reaction centers were open, the second pulse will only excite socalled “fast-opening” reaction centers, allowing for the calculation of non-reducing centers
(centers which are unable to open in time for the second pulse) through the equation:
B0 = (FV/FM – FV*/FM*)/FV/FM
where FV/FM is derived from the first pulse and FV*/FM* is derived from the second pulse. The
relative amount of non-reducing QB reaction centers were also estimated by using the variable
fluorescence of the OJ phase, calculated using the following equation:
VJ = (F2ms – F0)/FV
generated using the OJIP produced by the first pulse. This is supported by the fact that high light
intensities, such as the one used in this measurement, results in faster accumulation of QA- and
double-reduced QB centers, thus enabling estimation from the OJ phase rather than the terminal
plateau.256
In addition to quantifying active QB centers, active QA reducing centers were quantified
through the inhibition of PSII with 3-(3,4-dichlorophenyl)-1,1-dimethylurea (DCMU), a
selective inhibitor that blocks the QB site.257 When DCMU-inhibited cells are measured for Chl a
fluorescence, the normal polyphasic transient is replaced by a single-phase plateau, indicating the
reduction of QA to QA-. By normalizing F0 = 0 and integrating the resulting curve, the relative
number of active QA centers can be determined.258 Dark adapted samples were exposed to 50
mM DCMU for 10 min before measuring using the same protocol used for the JIP test.
GraphPad Prism v.7.01 was used to perform the integrations following normalization.240
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QA- Reoxidation
QA- reoxidation measurements were conducted using 20 data points per decade beginning
at 50 µs and continuing for 120 s. The actinic flash had an intensity of 2,400 µmol photons m-2 ·
s-1 while the flash duration was for 50 µs. The measuring flash intensity was 24,000 µmol
photons m-2 · s-1. Cultures were diluted to 2 µg · mL-1 and dark adapted for 5 min prior to
measurements.240 The QA- reoxidation decay was determined by fitting the data to a
triexponential model:
F(t) = F’ + A1e-K1t + A2e-K2t + A3e-K3t
where F(t) is the fluorescence at time t, Kn is the rate constant, An is the amplitude of the
fluorescence relaxation phase, and F’ is the stable minimal fluorescence at the end of the
decay.259 The three phases are divided into fast, medium, and slow, wherein the fast phase is
representative of the forward electron transfer from QA to QB centers containing a bound
plastoquinone in the oxidized or semi-reduced form, the medium phase is representative of the
QA centers that are waiting on plastoquinone to bind to the QB site in order to conduct forward
electron transfer, and the slow phase is representative of the QA- reoxidation that is dependent on
the back reaction with the S-states of the OEC.260 This slow phase recombination indicates that
the PSII reaction centers are incapable of transferring an electron from QA- to QB, therefore
requiring the donor side of PSII. The percentage of this phase amplitude can be used to indicate
the QB-nonreducing centers.240 The curve fitting was performed in R.
S-states
The redox state of the OEC can be determined using short, actinic light flashes to
sequentially advance from S0 to S4, where each S-state represents a different reduction state of
the OEC.261-262 The contribution of inactive PSII centers can be estimated by the difference
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between the S4  S0 fluorescence decay and the initial F0, since the fluorescence decay
following the fourth flash is primarily controlled by inactive centers.263-264 S-states were
measured through 4 saturating flashes at 80,000 µmol photons m-2 · s-1 voltage that were 100 µs
in duration and 300 ms apart, each causing a single turnover of PSII.240 Cells were dark adapted
for 5 min prior to measurements.
Quenching analysis
When photons reach PSII reaction centers, they have one of three final destinations: they
are used for photochemistry, they are emitted as fluorescence, or they are dissipated as nonphotochemical quenching (NPQ), the latter of which releases the energy via heat. These three
fates combine to be unity, indicating that a change in one abundance will result in proportional
changes in the others. Thus by determining the amount of NPQ and photochemistry through
fluorescence techniques, a total picture of photon fate can be generated.265
Quenching analysis was used on dark-adapted cells with an actinic intensity of 300 µmol
photons m-2 · s-1, a saturating pulse intensity of 64,000 µmol photons m-2 · s-, and a measuring
flash voltage of 80%. There was a dark relaxation duration of 20 s between pulses.266
Photochemical coefficients were calculated as previously reported.157
Statistical analysis
Statistical analyses were performed with GraphPad Prism 7.01 (GraphPad Software,
Inc.). Optical density, pigment, and fluorometry data were analyzed through two-way repeated
measures analysis of variance (ANOVA) using a Bonferroni correction to maintain a family-wise
error rate below 0.05. The remaining data were analyzed through multiple comparisons of means
conducted using Welch’s t-tests. The family-wise error rate for each figure was maintained at
0.05 through the use of the Holm-Bonferroni method. Statistical significance is indicated
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numerically through increasing asterisks, where * indicates p ≤ 0.05, ** indicates p ≤ 0.01, ***
indicates p ≤ 0.005, and **** indicates p ≤ 0.001. Figures show the means of triplicate data and
the error bars denote the standard error of the measurement, unless otherwise specified.
Results
Photosynthesis performance
The most common parameter used for the measurement of total photosynthetic
performance is FV/FM, known as photosynthetic efficiency. This is measured through Chl a OJIP
fluorescence, through which dark adapted samples are exposed to a single saturating light pulse.
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Figure 33. The FV/FM measured in exponential phase for cultures in increasing
manganese concentrations. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤
0.005, and **** indicates p ≤ 0.001.
The C. vulgaris cultures were measured in mid-stationary phase, the phase in which previous
research has shown that they are in their highest photosynthetic efficiency. However, as the
concentration of manganese increased to over 100x the control concentration, the FV/FM
increased as well, with the 500 and 1000x concentrations exhibiting significantly higher FV/FM
than the control culture (Figure 33). This is of interest despite the seemingly insignificant
magnitude of increase as the maximum FV/FM value – that being the most efficient PSII is seen
108

in nature – occurs at an FV/FM value of 0.68, which the 500x manganese samples have reached
(0.68  0.01). Therefore, it appears that manganese alone is able to increase photosynthetic
efficiency, as also shown in previous research in the Kolling lab (see Chapter 4). This increase
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Figure 34. The non-photochemical quenching coefficient of cultures with increasing
manganese concentrations. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤
0.005, and **** indicates p ≤ 0.001.
could occur from either a decrease in NPQ or else an increased amount of reducing reaction
centers—or both. F0, which is dependent on competition between fluorescence and other types of
exciton transfer (primarily photochemistry and NPQ), increased in the 500x manganese culture
and decreased in the 1000x manganese cultures. The FM, a product of competition of internal
conversion alone, also increased in the 500x manganese and decreased in the 1000x manganese
cultures. The increases in FM and F0 for the 500x manganese cultures could both be due to an
increase in photosynthetic electron transfer, especially if corroborated through other fluorescence
measurements. Using a quenching analysis protocol in which the dark adapted cells were

109

0 .8

**

qP

0 .6

0 .4

0 .2

0 .0

C

o

n

tr

o

l
5

0

x

M

n
1

0

0

x

M

n

2

5

0

x

M

n
5

0

0

x

M

n

8

0

0

x

M

n

1

0

0

0

x

M

n

Figure 35. The photochemical coefficient of cultures exposed to increasing
concentrations of manganese, measured through the quenching analysis protocol. *
indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and **** indicates p ≤
0.001.
exposed to a saturating light pulse before adding actinic light and several subsequent saturating
pulses to the non-dark adapted samples, the elative amount of photons dissipated as NPQ was
determined. Both the 500x and 1000x manganese cultures dissipated fewer photons through
NPQ than the control cultures, demonstrating that although the 1000x manganese cultures had an
overall decreased photosynthetic capacity, the increased manganese did lead to an increase in
efficiency of photon usage, as more photons were used directly for photochemistry than
dissipative processes (Figure 34). While the 250x manganese culture resulted in a decreased
NPQ, it did not result in a significantly higher FV/FM; however, the mean was higher than that of
the control sample, showing that further experiments could establish a significant difference.
This is supported by qP, the photochemical coefficient for quenching analysis, which shows
increases in the 250 and 500x concentrations, though only the 250x manganese cultures
established a significant difference (Figure 35).
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Another measurement of the capacity of photosynthesis is the rate at which the QA sites
are reduced, which is addressed using the M0 parameter of the JIP test. This parameter is the
equivalent of the slope of the OJ phase of the Chl a fluorescent transient, which begins when the
plastoquinone pool is completely oxidized and ends at an undefined intermediary step in which
the plastoquinone pool is only partly reduced. Outside of the 1000x concentration, there were not
significant differences between the M0 values of the different concentrations of manganese,
indicating that, until applied at excessive concentrations, manganese does not affect the kinetics
of the QA site (Figure 36).
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Figure 36. The slope of the OJ phase as derived from the Chl a transient, indicating the
flux of the initial QA reduction. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤
0.005, and **** indicates p ≤ 0.001.
The performance index per absorbed photon (PIabs), a parameter derived from the OJIP
curve that considers the effect of photon absorption, transfer of excitons, and subsequent charge
separation via electron transfer, was increased by 28, 26, and 125% when compared to the
control in the 250, 500, and 1000x cultures, respectively, suggesting that manganese does not
only impact the electron flow through PSII but that, when present in high concentrations, it
affects the electron flow through the entire pathway. This is supported by an increase in the
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probability of electrons that pass through PSI, as it is possible that either the intermediate
proteins or PSI is causing the increased performance index in high manganese cultures.
However, direct measurement of PSI is outside of the scope of this study as it requires a specific
fluorescence analysis (I820) and was unavailable.
Antenna complexes
Another parameter that is generated from the Chl a fluorescence induction curve is the
Abs/RC, or the average photons absorbed per reaction center. This parameter is used as an
estimation of the apparent antenna size as a larger antenna will result in increased absorption
capacity for photons, thus increasing Abs/RC. As the concentration of manganese was increased,
the Abs/RC increased with increases of 52, 65, 55, and 51% for the 50, 100, 250, and 500x
manganese concentrations, respectively (Figure 37). As seen with several other parameters, this
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Figure 37. The Abs/RC of manganese-exposed cultures derived from the Chl a fluorescent
transient. Abs/RC is indicative of the relative size of the light harvesting antenna complexes. *
indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and **** indicates p ≤ 0.001.
decreases at the 1000x manganese concentration, with the 1000x manganese culture having an
Abs/RC that is 75% of the control cultures. This suggests that manganese does lead to an overall
increase in antenna size for up to 500x manganese concentration, which also suggests an increase
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in the ratio of PSIIα to PSIIβ reaction centers. As discussed previously, the light harvesting
antennas can come in two sizes: the “super-complex” PSIIα centers and the “core complex”
PSIIβ centers. Ongoing work is attempting to determine the ratio’s dependence on manganese
concentration by using the fast fluorescence induction, a method that uses a single-turnover
saturating flash that generates a fluorescence induction rise. This rise is then mathematically
fitted to a theoretical induction curve to determine the functional absorption cross section of the
average antenna complex, the optical absorption cross section (absolute antenna size), the
sigmoidicity, the PSIIα and PSIIβ stoichiometry, and the PSIIα and PSIIβ reaction center
excitation rates. Additionally, the samples grown in increasing manganese concentrations will be
analyzed using 77K fluorescence. This method freezes cells in liquid nitrogen and looks for
fluorescence peaks at 685, 695, and 735 nm, in which the first two bands correspond to PSII and
the last corresponds to fluorescence generated from PSI. By quantifying the ratios of the PSIIrelated fluorescence bands versus the PSI-related fluorescence bands, it is possible to determine
the balance of the state transitions in the system. State transitions are a regulatory mechanism
that balances the distribution of photons between PSI and PSII and decreases the likelihood of
photoinhibition resulting from photoexcitation. If the system is weighted toward state 1, it
indicates that the photons are being preferentially absorbed by PSI to excite P700; if the system
is weighted toward state 2, it indicates that the photons are being preferentially absorbed by PSII
to excite P680. Ongoing work is building a low-cost tabletop 77K fluorometer that will be used
to generate this data.
Reducing centers
In addition to changing antenna structure, an increase in active reducing centers could
result in an increased overall photosynthetic flux. In order to determine the relative amount of
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DCMU before measurement. The curves are integrated in order to determine the relative
quantity of active QA centers.
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Figure 39. The quantification of QA centers derived from integrating the curves of
figure 6. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and ****
indicates p ≤ 0.001.
active QA sites, the initial point of electron transport in PSII, the cells were exposed to DCMU,
an herbicide that selectively binds to the QB site of PSII and inhibits electron transfer. The
resulting fluorescent transient reaches its maximum output once all QA sites are reduced,
generating a plot that can be integrated to determine the relative amount of active QA sites within
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Figure 41. The relative quantity of non-reducing QB centers as measured through S-state
fluorescence. * indicates p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.005, and ****
indicates p ≤ 0.001.
a sample (Figure 38). The resulting analysis suggests that manganese plays a positive role in
increasing the activity of QA sites up to an extent, with the maximum number of active QA sites
found at the 500x manganese concentration with a 76% increase over the control, after which the
abundance decreased with increasing concentrations (Figure 39). Using the double hit method
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for collecting the OJIP fluorescence transient, it was also possible to determine the relative
amount of QB sites that were non-reducing. While it would be expected that QB site activity
would increase with QA activity, this was not observed: instead, as the concentration of
manganese increased, the relative amount of inactive QB centers increased as well (Figure 40).
While this is problematic when put in the context of both the OJIP fluorescence and DCMU
measurements, it is further corroborated by the analysis of the S-state fluorescence: the percent
of non-reducing QB centers that contribute to fluorescence output increases with manganese
concentration, although with the S-states fluorescence, it decreases again following the 500x
manganese concentration (Figure 41). Likewise, the variable fluorescence at the J-phase of the
OJIP curve decreases with manganese concentration, indicating a decreasing amount of QB
reducing centers. Unlike the large differences seen with the double hit method, this analysis
suggested that there was up to a 9% decrease in active reducing centers, with the 250x
manganese concentration having the least amount of active centers. Given the conflicting data
between these analyses, future work will seek out other ways to measure the activity of the QB
centers in order to determine the most accurate way of generating the needed fluorescence data.
Conclusions
The results of this study suggest overall plasticity in the heterogeneity of PSII reaction
centers in the presence of high levels of manganese, both in the terms of antenna size as well as
reduction potential of the QA and QB sites. While preliminary analysis suggests an increased
photochemical potential with 500x the control manganese concentration, much of the data is selfconflicting, indicating that further study is needed to sort out the inconsistencies in analysis.
Further analytical techniques including 77K fluorescence and fast fluorescent induction should
be used to gather further information about the efficiency of photon absorption and the
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plastoquinone pool should be quantified using liquid chromatography in order to determine if
there are any changes in plastoquinone availability that are affecting PSII functionality.
Additionally, analysis of post-translational modifications of the photosynthesis-related proteins
can give more evidence as to the regulatory mechanisms at play in the presence of high
manganese concentrations.
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CHAPTER 7
CONCLUSIONS AND FUTURE OUTLOOKS
C. vulgaris is a robust, single-celled green algae that contains a single chloroplast that can
take up greater than 80% of its internal volume. This, when paired with its ability to survive
harsh and nutrient-depleted conditions and also reproduce at an exponential rate, makes it an
excellent model system for biological monitoring of contaminant effects, lipid metabolism, and
fundamental photosynthesis research. However, this alga is used much less frequently than its
long-time sequenced cousin, Chlamydomonas reinhardtii, despite the fact that C. vulgaris’
adaptability and stability in adverse environments make it a better candidate for both
phycoremediation efforts as well as optimization for use as a biofuel feedstock. These studies
aimed to enhance the placement of C. vulgaris in this field of research through the optimization
of physiological and photosynthetic characterization that can be applied to a wide range of
studies.
Specific Aim 1 characterized the effect of Poast, an over-the-counter herbicide
formulation used in the prevention of broad-leafed grasses, on C. vulgaris, a non-target
organism. This study used concentrations more than 16x less than the manufacturers
recommended usage concentration and found that despite the fact that C. vulgaris is not a target
organism, it was severely inhibited after only 30 min of exposure, with less than 20% of the cells
remaining viable. Furthermore, it was determined that one of the sites of action was at the OEC
of PSII, despite the fact that sethoxydim, the labeled active ingredient, is supposed to be
preferential to ACCase. In vitro studies tested sethoxydim, mineral spirits, naphthalene, and a
polyethylene glycol, all substances known or inferred to be included in the herbicide
formulation, but none of them recreated the inhibitory effect seen with the formulation.
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Without further knowledge about components of the formulation, it is impossible to
know whether one of the chemicals is specifically harmful to green algae or if multiple
components are having a synergistic effect. While 1H NMR was used to determine the
identifiable components of the herbicide mixture, a more thorough analysis could be conducted
through liquid chromatography fractionation followed by mass spectrometric analysis. However,
even if specific chemical species could be successfully isolated, a methodological approach
would have to be taken to determine the possibility of synergistic effects. However, since the
formulation is proprietary, it is likely that further analysis would require permission from the
manufacturer.
Specific Aim 2 sought to understand the capability of C. vulgaris to bioaccumulate
manganese, as a possible route of phycoremediation for manganese contaminated waterways.
While the literature has shown dramatic inhibitory effects for other metals including cobalt, iron,
cadmium, copper, and others, excess manganese did not result in significant inhibitory effects,
even at concentrations up to 500x that of the control. Additionally, the manganese was
sequestered into the cells to concentrations greatly exceeding that of diffusion equilibrium, with
a maximum of 55x the manganese content of the external media being held in the cells. While
the manganese had a sharp increase in concentration throughout the first few points of the
growth curve, it peaked in concentration around mid-exponential phase, despite the fact that cells
continued to increase in number until the beginning of stationary phase. One potential reason for
this phenomenon could be that the manganese sequestration is related to photosynthetic activity.
Since both pigment content and photosynthetic activity peak near mid-exponential, this could
potentially correlate with the intake of manganese, a mechanism that would allow cells to have
excess manganese available in the case of PSII turnover due to photoinhibition or other
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protective processes. Ongoing research is growing manganese-exposed cells in both mixotrophic
and heterotrophic conditions to determine the light-dependency of manganese sequestration. A
second potential contributor to the peak influx of manganese at mid-exponential phase is the
availability of exogenous carbon sources. Previous work in the Kolling lab has shown that
carbon availability becomes severely limited beginning in mid-exponential phase — which is
also the reason why the cells stop dividing in the first place.76 If the manganese is sequestered
into the cells by active transport, this would further support the need for excess carbon
availability in order to supply the energy investment for transportation.
While the expectation was for manganese to inhibit C. vulgaris, it instead increased
photosynthetic flux, as seen through both the oxygen evolution probing as well as Chl a
fluorescence. Since the light reactions of photosynthesis increase overall lipid production, it is
possible that this effect could be utilized in order to improve the feasibility of C. vulgaris as a
feedstock for biodiesel. However, data collected showed no increases in lipid production across
manganese treatments, suggesting that additional environmental stressors would need to be
applied in order to successfully utilize manganese for increased biodiesel feasibility. Ongoing
research is seeking to combine manganese exposure with nitrogen deprivation, an established
environmental stressor for increasing lipid yield, in order to see if the effect of having increased
photosynthetic flux (and therefore increased production of reducing equivalents needed for lipid
synthesis) results in further increases to lipid production under nitrogen deplete conditions.
Specific Aim 3 combined glycerol and constant light conditions in order to increase the
lipid production in C. vulgaris. While lipid production itself was not increased significantly
across glycerol-dosed cultures, the application of glycerol in early stationary phase did result in
an increase in overall lipid percent for the 10 and 20 g ∙ L-1, as well as minor changes in the lipid
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composition between treated and untreated cultures. Furthermore, it was found that the
exogenously applied glycerol was directly incorporated into the TAG backbone. While the lack
of increase in lipid production suggests that the production of glycerol is not rate-limiting within
the cells, their ability to directly use glycerol is promising for the reduction of waste generated
from biodiesel production, as 1 molar equivalent of glycerol will be produced for every 3 molar
equivalents of fatty acids. If this can be reused for further lipid production, it could significantly
reduce costs for biodiesel production.
This study does not support studies in the literature, which determined an increase in lipid
flux following glycerol supplementation of heterotrophic cultures in stationary phase. This
suggests that something along the photosynthetic pathway could be somehow inhibiting the flux
toward TAG production, most likely through carbon fixation for carbohydrate production.
Additionally, the glycerol-mediated degradation of the photosynthetic pathway suggests further
convergences in pathways requiring further analysis. One possibility is that exogenous glycerol
inhibits the plastoquinone synthesis pathway, decreasing the overall electron transfer capacity of
the photosynthetic electron transport chain. This will be investigated through extraction and
liquid chromatography based quantification of plastoquinones. Furthermore, additional
photosynthetic studies will seek to understand the mechanism through which glycerol
supplementation reduced the overall photosynthetic capacity of C. vulgaris.
Specific Aim 4 expanded on the previous manganese work by seeking to understand the
mechanism through which manganese was increasing the overall photosynthetic flux of C.
vulgaris. Using a variety of chlorophyll fluorometry techniques to test a wide range of
manganese concentrations, it was concluded that while changes to photosynthetic heterogeneity
do take place under increased manganese exposure, further analysis must be completed in order
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to determine specifically how this is occurring. While the results thus far indicate an increase in
the size of antenna complexes and an increase in active reducing sites, the use of 77K
fluorometry as well as the fast fluorescent induction method will be better suited to provide more
specific analyses. Additionally, combining these parameters with proteomic data could further
increase the understanding of the effect of manganese on the photosynthetic electron transport
chain.
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